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Chapter 1 CONTEXT IS KEY 
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There is an ancient Indian proverb about 6 blind men encountering an 
elephant for the first time. One of the men grabs hold of the elephant’s tusk and 
declares that an elephant is like a spear. The second grabs its leg, stating that it is 
instead like a tree. A third runs his hand along its ear, saying that an elephant must 
be a fan. The fourth touches its side, sure that an elephant is a wall. The fifth finds 
his hand wrapped in the elephant’s trunk and exclaims that an elephant is a snake. 
The last touches the hairy tip of the elephant’s tail and says that an elephant is 
simply a type of mouse. Each piece of evidence makes sense in isolation, but none 
of them truly reflect the whole. Only in combining these disparate ideas can you 
start to make an accurate representation of an elephant.  

The progress of science is much the same. Blind men, groping in the dark 
to gather a piece of information that we hope we can make sense of. Single 
experiments often lead to wrong interpretations, but, with the weight of time and 
more experiments, we build up a better understanding of reality. Take 2 of the 
conclusions about the elephant, the ears (a fan) and the leg (a tree). Combining 
these two it is possible to conclude that perhaps the ear is not a fan, but instead a 
particularly large leaf. Another wrong answer, but with a further kernel of truth: it 
is one whole, and it’s probably not a pine tree. Eventually, if you take all 6 blind 
men, we can begin to reconstruct a rough approximation of an elephant. A heavy 
body supported by several pillars, with a pair leathery fans at one end, with a 
muscular tube and a pair of spears beneath, and a thin rope with a tuft of fur at the 
far side. If we brought in more blind men, who each touched yet another part of the 
elephant, we could get ever closer to describing an elephant. Alternatively, if we 
could improve the amount of the elephant any individual could touch or refine their 
senses for more precise information, we would also be able to build up a more 
complete view of the elephant. 

The crux of my doctoral work has been in trying to figure out how to better 
examine the elephant that is the lipidome. Unfortunately, the metaphor is going to 
break down a bit here, as the elephant in question is more akin to one made of 
smaller elephants. The study of the greater lipidome is highly dependent on the 
ability to examine any individual lipid. Lipids can be examined through mass 
spectrometry, though simple, one stage experiments are the equivalent of being able 
to distinguish an elephant from a rhinoceros. Helpful, if you are looking for any 
kind of elephant, less helpful if you are attempting to distinguish an African from 
an Asian elephant, or a male from a female elephant. Describing the lipidome is 



11 
 

much more complex, and necessitates either more complex experimental design, or 
multiple time-and-space delineated experiments. Before we get deeply into the 
mass spectral end of my thesis, let us start by defining the lipid elephant. 

UNIQUELY IDENTIFYING LIPIDS 
Lipids are defined rather broadly as any biomolecule that is soluble in 

nonpolar solvents[1]. This covers fatty acids, sterols, prenols, saccharolipids, 
polyketides, sphingolipids, and the glycerides (mono-, di-, and tri-, as well as 
phospholipids). Of these, the fatty acids and the fatty acid derivatives will be our 
first focus. Fatty acids serve as a basic carbon and energy storage medium, but 
typically are incorporated into larger, more complex macrobiomolecules[2, 3], 
including the glycerides and sphingolipids. Fatty acids are bound to sphingolipids 
via amide bonds[4], and to glycerides via esterification (usually)[5]. Both 
glycerides and sphingolipids are studied for their roles in cellular membranes[6], 
apoptosis[7], proliferation, stress response[8], necrosis[9], inflammation[10], 
autophagy[11], senescence[12], differentiation, inter- and intracellular 
signaling[13-15], energy storage[16], and metabolism[17]. Further, they are 
implicated in numerous[18] cardiovascular[19] disorders[20, 21], cancers[22-24], 
diabetes[25-27], Alzheimer’s[28-30], and a[31] host[32] of[33] other[34] 
diseases[35] and[36] disorders[37, 38]. Due to their ubiquity and relative ease of 
ionization, they have become one of the foremost markers for investigating health 
states.  

FATTY ACIDS 
As biomolecules, lipids function as repositories of energy and carbon. 

While consisting of only two major pieces, an aliphatic chain and a carboxylic acid, 
they have enough complexity to be identified and named at multiple levels. Naming 
of fatty acids in mass spectrometry follows the generally agreed upon LIPID MAPS 
notation: the species level, DB-position level, structure defined level, full structure 
level, and the complete structure level (the “common name”)[39]. In the fatty acids, 
the variable portion is the aliphatic chain, as the carboxylic acid is synonymous 
with the biomolecular class.  
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Figure 1.1. Labeling of fatty acid carbons according to Δ numbering (A), with acyl end n- numbering below (B). 
Identification of this fatty acid proceeds from least to most well-described: species, double bond position, full 
structure, complete structure. 

Fatty acid chains vary based on the number of carbons (typically between 
12 and 34, though as little as 1 is possible, the number of carbon-carbon double 
bonds (and their geometry), the presence or absence of cyclic groups, branches, or 
hydroxyl groups. All told, there are potentially millions of possible fatty acids. An 
example fatty acid is provided in Figure 1.1. This is a simple fatty acid, containing 
no extra functional groups and only a single double bond and 18 carbons in its chain. 
Under LIPID MAPS, this could be identified as FA 18:1 at the species level. As 
there are no functional groups, the structure defined level is the same as the species 
level. By being able to define the double bond is at the ninth position (counting 
from the aliphatic end as in ω nomenclature), we can move to the DB-position level, 
FA 18:1(9). Identifying that the double bond in questions is cis in orientation, then 
the full structure level is FA 18:1(9Z). With this information, we can define this 
fatty acid as palmitoleic acid. Fatty acids like palmitoleic acid are among the most 
common types, but branching, cyclic, or functionalized aliphatic chains are all 
possible. The difficulty in identifying the more specific levels increases drastically 
with mass spectrometry, which I shall cover slightly later. Within the context of my 
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work, the fatty acids are not studied on their own, but as part of the more 
complicated glycerolipids (GLs). 

GLYCEROLIPIDS 
GLs are formed by the attachment of fatty acids to a simple carbon and 

alcohol backbone: glycerol. The attachment is through the carboxylic acid, 
typically as an ester, though ether-linkages are also possible. Between 1 and 3 fatty 
acids can be bound to a single glycerol, producing fat storing mono-, di-, and 
triglycerides. The glycerides are associated with any number of diseases, including 
atherosclerosis, heart disease, and stroke, making identification of specific 
glycerides central to understanding the most common cardiovascular diseases. 
Identification of the glycerides is more complicated compared to the FAs, not just 
in terms of them containing 1 to 3 FAs, but because the glycerides always have 
chirality. This chirality is defined by the stereonumbering (sn-) of the FAs on the 
glycerol backbone, in essence meaning that a triglyceride with the makeup 1-
palmito-2-oleo-3-stearoyl is not the same as 1-stearo-2-oleo-3-palmitoyl. With FA 
chain length potentially going from a single carbon to more than 30 carbons, 
potential for several double bonds per FA, and their sn- alterations, the sheer 
magnitude of identifying specific lipids becomes ever more apparent. 

As a subset of the GLs, the glycerophospholipids (GPLs) replace one of 
the 3 FAs with a phosphatidic acid, or a phosphate derivative. These GPLs are the 
most abundant lipids in most organisms, owing to their use as the bulk of cellular 
membranes. The main phospholipids are phosphatidic acids (PA), 
phosphatidylethanolamines (PE), phosphatidylcholines (PC), phosphatidylserines 
(PS), and the phosphatidylinositides (PI). Additionally, we can include two of the 
phosphosphingolipids in our count, though these a sphingosine backbone rather 
than glycerol: ceramides and sphingomyelins.  

Defining GPLs similarly to the FAs, PC 34:1 would be an example of a 
species level name (Figure 1.2). More well-defined is the molecular species level, 
which also defines the specific fatty acyls on the phospholipid, transforming 
PC(34:1) into PC(16:0_18:1), with the underscore showing that the 
stereonumbering of the fatty acyls is still unknown. Clearly then, next would be the 
stereonumber-position level, in the example above defining the phospholipid as 
PC(16:0/18:1). If we could then identify the position of the double bond on the 
second fatty acyl, we could be at the DB-position level, identifying our lipid as PC 
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16:0/18:1(9). The full structure level would define the DB geometry 
(PC(16:0/18:1(9z))), and the complete structure level would define the 
stereochemistry (PC(R-16:0/18:1(9z))). 

 
Figure 1.2. Hierarchical identification of a simple phosphatidylcholine with a single double bond. 

LIPIDOMICS 
At this point, the task of identifying any specific lipid amongst the nigh 

limitless potential lipids might seem like an impossible task. However, there are 
several factors help reduce this complexity. First, complex multicellular life 
produces only even numbers of carbons in lipids. Second, as far as has been 
determined, the phosphate headgroup in GPLs is only ever attached at the sn-3 
position. Third, while trans fatty acids do exist in complex lifeforms, they are 
produced only by bacteria (such as found in the guts of ruminants). Further, even 
of those lipids left, it has been determined that only about 180,000 lipids comprise 
the lipidome[40], with many either very low in abundance or currently 
unobserved[41]. With such a significantly reduced list it is, theoretically, much 
simpler to identify lipids uniquely. It is important to note that lipid biochemistry 
changes with regard to tissue type, but also according to cell type within tissues. 
Truly analyzing the lipidome requires examining lipids while keeping their 
localization, a factor that will be discussed in the mass spectrometry section. 
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MASS SPECTROMETRY 
My tool of choice for identifying lipids and exploring the lipidome is mass 

spectrometry. At its simplest, mass spectrometry works by ionizing a molecule of 
interest and then separating ions and measuring their mass-to-charge ratio[42]. Ion 
sources are the most variable components, incorporating dozens if not hundreds of 
different methodologies. Mass analyzers used in lipidomics are also diverse, with 
some 5 common analyzers technologies spread across tens of different 
implementations. Most mass analyzers are part and parcel with a specific type of 
detector and will not be discussed in detail here. I will address a small fraction of 
the legion of ion sources available, and the 7 ionization methods (Table 1). 

Of these, electron ejection and capture are “hard” ionization methods, 
meaning they create significant ion fragmentation in the process of generating ions. 
The other ionization methods are “soft,” typically resulting in little to no 
fragmentation of the molecular ions, but this can be ion source dependent. A solid 
introduction to the ion sources often used to detect biomolecules can be found in 
The Expanding Role of Mass Spectrometry in Biotechnology[43], but I will focus 
on the 2 most common sources for liquid and imaging methodologies: Electrospray 
Ionization (ESI) and Matrix-Assisted Laser Desorption/Ionization (MALDI). 
These two techniques and their derivatives are preferred for their versatility, 
tunability, and the relative softness of their ionization.  
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Ionization Method Advantage Disadvantage 
Protonation (positive) Broadly applicable 

Many ion sources generate these 
Compounds can be 

unstable or do not readily 
accept protons 

Cationization 
(positive) 

Broadly applicable 
Tunable by cation 

Many ion sources can generate 
these 

Tandem mass spectrometry 
experiments have limited 
fragmentation information 

Deprotonation 
(negative) 

Useful for acidic compounds 
Many ion sources generate these 

Highly compound 
dependent 

Anionization 
(negative) 

Tunable by anion Many ions are unstable or 
metastable 

Pre-charged molecule 
transfer to gas phase 
(both positive and 

negative) 

Useful for pre-charged 
molecules 

Many ion sources generate these 

Only useful with pre-
charged ions 

Electron ejection 
(positive) 

Works with electron ionization 
Provides fragmentation 

information 

High rates of in-source 
fragmentation 

Molecular ion can be 
difficult to determine 

Electron capture 
(negative) 

Works with electron ionization 
Provides fragmentation 

information 

High rates of in-source 
fragmentation 

Molecular ion can be 
difficult to determine 

Table 1-1. Ionization methods with general advantages and disadvantages of each. 

LIQUID METHODS 
ESI is perhaps the most widely used liquid method in mass spectrometry, 

seeing extensive use in research[44, 45], the pharmaceutical industry[46, 47], and 
the healthcare sector[48, 49]. Ions are generated by running a voltage through a thin 
needle that the crude extract is pumped into, with the resulting charged particles 
desorbing and passing into the mass spectrometer. This electrospray ionization 
(ESI) can be done with either positive or negative charge, ionizing different 
biomolecules based on their ability to accept an ion (such as a positively charged 
proton or negatively charged chloride). More, it is easily adjusted to examine 
analytes in both positive and negative mode with little alteration, based on the 
constitution of the solution the analytes are dissolved in. The only limitation in ESI 
is whether a particular analyte can be extracted into a liquid medium, which also 
forms the major source of ion suppression, the matrix effect[50]. In its most basic 
sense, the matrix effect alters the signal response of analytes, either suppressing or 
enhancing them, thus distorting efforts towards quantitation and reproducibility. 
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ESI, like all liquid methods, involves extracting lipids from the greater 
mass of the tissue, typically by grinding the solid mass and performing one of 
several extraction techniques, based on the non-polar solubility of the lipids. 
Common examples include the Folch[51] and Bligh-Dyer[52] methods, though as 
in all things mass spectrometry there are a wide variety of modifications and 
alternatives[53-57]. Nevertheless, the resulting lipid-containing liquid is then 
ionized and analyzed using a mass spectrometer. If the crude extract lipids are not 
separated from one another first, the method is a so-called “shotgun” method[58].  

Alternatively, the crude extract can be partitioned before or after ionization. 
ESI is easily coupled to pre-ionization analyte separation, vis a vis liquid 
chromatography (LC)[59-61], or to post-ionization separation, including drift tube 
ion mobility (DTIMS)[62], travelling wave IMS (TWIMS)[63], differential IMS 
(DIMS)[64], or trapped IMS (TIMS)[65]. Separation beforehand is more common, 
as the methods to optimize separation of specific lipids are more robust, though 
both pre- and post-ionization separation can be combined in a single system[66, 
67]. LC methods can be adapted based on the polarity of both the liquid and solid 
phases, and by the functionalization of the solid phase[68-75]. Depending on 
factors such as headgroup and fatty acid composition, lipids temporarily bind with 
a solid surface for differing lengths of times, separating them out chronologically 
and simplifying the mass spectra. Ion mobility methods, by contrast, sample the 
average cross section of the ions as they tumble in a gas, separating them based on 
their size.  

Liquid methods are highly sensitive, owing to their ability to separate and 
concentrate the lipids in a complex biological sample. Further, identification of 
many different lipids is possible with targeted techniques, potentially identifying 
lipids from sum-composition down to the full structure level. There are, however, 
two flaws in this form of analysis for the elephantine lipidome. First, LC methods 
are selective, with techniques that work well for neutral lipids either removing or 
suppressing polar lipids[68-71], and vice versa[72-75]. Second, in the analogy of 
identifying the elephant, classical chromatographic experiments are akin to carving 
up the elephant and then identifying the different bits from one another. It is 
possible to identify tusks and the tail in a single experiment, but it would be 
impossible to say where the tusks go on the original elephant. Keeping the elephant 
more intact is the domain of mass spectrometry imaging.  
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MASS SPECTROMETRY IMAGING 
 Rather than grinding and extracting lipids, imaging typically relies on 

making thin tissue sections and examining micrometer-sized pieces at a time. 
Creating ions from a single pixel is a rapidly evolving field, and new technologies 
emerge every year[76-94]. A non-exhaustive list of techniques is included in Figure 
1.3, including the name, type of ionization, commercially available resolution, and 
the highest reported resolution in each. Many of these techniques are liquid 
extraction-based, a la ESI, but extract from a small portion of a prepared surface, 
rather than from a ground and homogenized sample. The other techniques ablate 
material from the surface without bulk dissolution. 
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Ionization Technique Type of Ionization Commercial 
Imaging 

Resolution 

Highest 
Reported 

Resolution 
Desorption Electrospray 
Ionization (DESI)[93] 

Liquid Extraction 100-200 µm 35 µm[84] 

Nano-Electrospray Desorption 
Ionization (nano-DESI)[92] 

Liquid Extraction 50-100 µm <10 µm[76] 

Air Flow Assisted Desorption 
Electrospray Ionization 

(AFADESI)[88] 

Liquid Extraction 200-300 µm 200 µm 

Easy Ambient Sonic-Spray 
Ionization (EASI)[85] 

Liquid Extraction 100-200 µm 50 µm 

Laser Ablation Electrospray 
Ionization (LAESI)[89] 

Two Step (Laser 
ablation and ESI) 

200-300 µm 30 µm 

Single Probe (SP)[91] Liquid Extraction 10-20 µm 8.5 µm 
Liquid Microjunction-Surface 

Sampling Probe (LMJ-SSP)[94] 
Liquid Extraction 0.5-1 mm <500 

µm[77] 
Contact Mode-Scanning Probe 

Electrospray Ionization/Tapping 
Mode-Scanning Probe 

Electrospray Ionization (c-
SPESI/t-SPESI)[90]  

Liquid Extraction 35-200 µm 35 µm[87] 

Laser Ablation Direct Analysis in 
Real Time Imaging (LADI)[78] 

Two Step (laser 
ablation and 

plasma ionization) 

50 µm 50 µm 

Picosecond Infrared-Laser 
Ablation Electrospray Ionization 

(PIR-LAESI)[79] 

Two Step (laser 
ablation and 
electrospray 
ionization) 

100 µm 100 µm 

Liquid Extraction Surface analysis 
(LESA)[81] 

Liquid Extraction 1 mm 300 µm 

Matrix-Assisted Laser 
Desorption/Ionization 

(MALDI)[86] 

Laser Ablation 10-100 µm 600 nm[80] 

Secondary Ion Mass Spectrometry 
(SIMS)[83] 

Ion Beam Ablation 200-700 nm 100 nm[82] 

Table 1-2 Imaging ionization techniques, based on type, commercially available resolution, and highest reported 
resolution. 

Of these techniques, the most common imaging technique is MALDI, 
which is robust, tunable, and reasonably reproducible, and second only to SIMS in 
spatial resolution. It has an advantage over SIMS in being a “soft” ionization 
technique, though SIMS has seen a renaissance in method by replacing hard metal 
ion beams with softer, but significantly larger, gas and water cluster beams[95-97]. 
As another edge on SIMS, MALDI experimentation is rapidly reaching SIMS 
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spatial resolution (600 nm[80] vs 100 nm[82]) while maintaining lower rates of 
fragmentation. It is also the core focus of my work within lipidomics, owing to the 
broad applicability of technique to lipidomics and the abundance of tools now 
available to tune experimental design. 

The main hurdles in the use of MALDI for lipidomics have been widely 
analyzed, but fall under a few main concerns: tissue preparation, matrix choice, 
matrix application, and ionization efficiency. Tissue preparation issues are not 
unique to MALDI, as all MSI techniques require a useful substrate. Unlike 
histological staining techniques (hematoxylin and eosin[98], 
immunohistochemistry[99], oil red O[100], etc.) which can operate with formalin-
fixed, paraffin embedded (FFPE) tissue[101, 102] or with cutting aids (OCT[103]), 
MALDI tissues are generally required to be fresh frozen only, which can generate 
issues in sample storage stability and section-to-section variability. However, such 
tissues are also much closer to their “native” environment and avoid delocalization 
of analytes as often happens during tissue washing and preparation.  

Matrix choice is just as important in MALDI as it is in ESI, except in the 
fact that it acts as both lipid extraction and ionization choice simultaneously. These 
matrices are small, typically volatile molecules that absorb specific wavelengths of 
light very well, with most vacuum-based methods using wavelengths between 280 
and 355 nm[104]. They assist in the ionization of analytes of interest, either 
ionizing first itself and then transferring that charge to the surrounding tissue or 
aiding in the desorption of already charged ions from the surface. The exact 
mechanism is still unknown at this point in time[105-112], but it has been shown 
that different matrices with different proton affinities produce different ions[113-
115]. Some matrices are great proton donors[113], others good proton 
scavengers[114], or both[115], and still others can chemically bind to analytes of 
interest[116-118]. It is abundantly clear that this is an area of intense, active 
research. 

The method by which a MALDI matrix is applied can be just as important 
as which matrix is chosen. The more “wet” the method is, the greater the extraction 
of lipids from the tissue tends to be[119]. As such, spray-based methods have long 
been the workhorse for MALDI lipidomics, varying from hand-held sprayers 
modified from airbrushes to automated commercial sprayers[120]. These tend 
toward relatively high yield of analytes and can be adjusted to optimize for different 
lipids (either polar or neutral). However, they are often prone to operator 
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differences (especially for hand-held devices), and the wetter a method is, the 
greater the delocalization of analytes. Similarly, spray-based matrix application 
lends itself to crystal sizes from 10-100 µm, depending on how slowly the solvent 
evaporates. As a consequence, the matrix crystals can become the limiting factor in 
spatial resolution of MALDI imaging, as the difference in ionization efficiency 
between tissue and tissue+matrix can be staggering[121]. This has led to the use of 
sublimation-based methodologies in high spatial resolution imaging, which 
produces much finer crystal sizes (potentially to less than 1 µm) and minimizes 
delocalization of lipids within the tissue[122, 123]. A further refinement of 
sublimation has been the addition of a “recrystallization” step[124, 125], wherein 
the matrix is applied first, and then exposed to a high-humidity environment, which 
causes the crystals to grow and absorb additional analytes. While the size of crystals 
increases in doing so, typically by a factor of 2-3, most commercial MALDI 
instrumentation is still above the size of the expanded crystals, making it a 
worthwhile trade-off. 

Ionization efficiency is a significant issue within the mass spectrometry 
imaging community, as it varies depending on the matrix proton affinity, the 
instrument polarity, and the extraction efficiency of the analyte into matrix[126]. 
As an example, in positive mode analyses of analytes with higher proton affinities 
than the matrix, somewhere between 1 in 1,000 and 1 in 10,000 analytes will 
ionize[108, 127-130]. In the case of analytes with lower proton affinities, the 
efficiency drops to as low as 1 in 100,000,000[131, 132]. An obvious consequence 
of this is a drive to improving ionization efficiency through new matrix application 
protocols[119, 133, 134], novel matrices[135-138], derivatization (covalently 
binding a charge to the analyte)[139-143], and post-ionization[144]. Matrix 
application, post-ionization, and matrix choice are significant factors in my quest 
to understand the lipidome. 

MASS ANALYZERS 
Once ions have been generated, we have to separate them from one another 

before they can be detected. The second part of a mass spectrometer is the mass 
analyzer, which is usually the defining characteristic of a mass spectrometer, with 
resolution, accuracy, and analysis speed being the 3 major concerns for end-users. 
Focusing on resolution first, we define it as the nominal mass-to-charge (m/z) of 
the peak divided by the width of the peak (Δm)[145]. Of the types of mass analyzers 
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that see common use in lipidomics, they range in mass resolution from as low as 
1,000 to greater than 1,000,000, though within the lipid range (600-900 m/z) it is 
most common to see values between 5,000 and 100,000. Mass accuracy, defined as 
the ratio of the m/z measurement error to the true m/z, is second only to the 
resolution in importance. Generally mass accuracy is defined in parts-per-million 
(PPM), i.e., that at a m/z of 1,000,000 a 1 ppm error would be 999,999 or 1,000,001 
and scaling with m/z. In long experiments, low mass accuracy will eventually erode 
the mass resolution, as small errors build up into greater errors. Analysis speed is a 
growing concern within the field, due to the increase in spatial resolution available 
with modern ionization techniques. For MALDI this is especially important, as 
most matrices are volatile, and lengthy experimental times couple poorly to the 
gradual loss of the matrix. 

In terms of mass resolution, analyzers at the lower end are typically 
quadrupolar in design, including the quadrupole mass analyzer and the ion trap, 
with the latter having seen multiple designs in its decades of service[146-151]. 
These analyzers work by scanning a voltage (typically radiofrequency), which 
causes packets of ions above a given m/z to destabilize and eject from within the 
trap. Increased resolution is achieved by scanning more slowly, with mass 
resolutions above 10,000 requiring several seconds[152]. However, despite 
relatively high mass resolution being available through ion traps, the mass accuracy 
of such devices shows only poor conversion from higher resolutions. This leads to 
the use of quadrupoles as one stage in hybrid mass spectrometers (to be discussed 
momentarily), instead. The lion’s share of lipidomics work performed instead of 
time-of-flight (TOF) instruments. TOF instruments easily reach mass resolutions 
of 60,000-80,000, and operate with duty cycles enabling commercial 
instrumentation to reach 50 pixels per second[153]. However, they are non-mass 
selective, require high voltage, higher vacuum than ion traps, and their mass 
accuracy is dependent on the instrumental geometry. Despite these flaws, they are 
extraordinarily attractive mass analyzers, especially when used in hybrid 
instrumentation or reflectron geometries. The final two mass analyzers operate 
using Fourier transforms to convert cyclic ion motion into m/z information[154, 
155]. Of these, the older technology is the Fourier Transform Ion Cyclotron 
Resonance (FTICR) analyzer, which functions by measuring the cyclotron motion 
of ions in a fixed magnetic field. As of my PhD, this is the analyzer with both the 
highest mass resolution and mass accuracy, achieving arbitrarily high mass 
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resolution alongside parts-per-billion mass accuracy[156]. As a trade-off, FTICR 
instrumentation requires ultra-high vacuum, superconducting magnets, cryogenic 
fluids (including liquid helium), and potentially significant post-processing. 
Further, FTICR scan times are significantly longer than TOF scans, and typically 
have severe data storage requirements. The other Fourier transform instrument, the 
Orbitrap, shares many features with FTICRs. Very high resolution (1,000,000 at 
m/z 200), relatively long scan times (~3 s to achieve such resolution), high mass 
accuracy (<1 ppm), and temperature sensitivity. Orbitrap instruments are still lower 
in resolution and mass accuracy than the best FTICRs (though they are approaching 
parity in the lipid mass range[157]), but do not require cryogenic fluids to operate. 

HYBRID MASS SPECTROMETERS AND TANDEM MASS 

SPECTROMETRY 
Identifying the elephant of a single lipid requires more than just an exact 

mass (Figure 1.3). Sufficiently high mass resolution can identify the sum 
composition of a lipid but can still fail to completely separate isobaric compounds 
(ions with the same nominal mass) or isomers (ions with the same sum composition 
in a different arrangement). As an example, [PC 36:1+Na]+ and [PC 38:4+H]+ are 
isobaric, and differ from one another by 2.4 mDa, or 0.0024 m/z. Separating these 
requires a mass resolution of 337,000, which is impossible for non-FT 
instrumentation. Even if you could separate these two isobars, [PC 36:1+Na]+ is 
indistinguishable from the isomeric [PE 39:1+Na]+.  
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Figure 1.3. Analytical method needed for hierarchical identification of a representative phospholipid. 

Enter tandem mass spectrometry. By combining mass analyzers, most 
typically a quadrupole with any other mass analyzer, it becomes possible to 
selectively fragment ions. The most widely used is Collision Induced Dissociation 
(CID), which exposes the selected ions to a neutral gas, with the resultant energy 
in the collision fragmenting the ion[158]. The fragments are then analyzed in the 
second mass analyzer as they would be in a normal experiment. As the 
fragmentation of lipids follow predictable pathways, the neutral losses (pieces that 
broke away without charge) and daughter ions (the fragments that retain charge) 
can be used to reconstruct the original ion. In the GPLs, the phosphate headgroup 
is both readily fragmented and highly specific, making identification of the GPLs 
by phosphate group straightforward. In the elephant metaphor, this would be the 
ability to distinguish an African from an Asian elephant. CID does suffer from a 
m/z cutoff, which is about 1/3 of the m/z of the parent ion. All daughter ions below 
this cutoff are lost, which can include diagnostic fragments. Certain fragmentation 
methods, including high-energy CID (HECID) and higher-energy collisional 
dissociation (HCD) can generate more and different fragments that alleviate this 
issue, and HCD specifically has no low-mass cutoff[159]. 

For mass spectrometry imaging, which lacks separation methods prior to 
ionization, identifying the acyl chains in a lipid can be a significant challenge. 
There are, however, multiple dissociation techniques that can be used to overcome 
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these challenges: ozone-induced dissociation (OzID)[160], ultraviolet 
photodissociation (UVPD)[161], ion-ion reactions[162], epoxidation[163], and the 
Paterno-Buchi (PB) reaction[164]. These technologies selectively fragment lipids 
between carbon-carbon double bonds and can be combined with CID to identify 
sn- positions as well[161, 165].  

At this stage, lipids can be uniquely identified in all respects save two: 
double bond geometry and chirality of the glycerol backbone. Some evidence in 
LC-MS work indicates that those barriers are not insurmountable[166, 167], but the 
application to MSI is, sadly, still lacking. 

SPATIAL OMICS 
While the work involved in this thesis is impactful on its own, it is only a 

single portion of the greater field of spatial omics. Spatial omics expands out from 
this work in two directions: first, that it encompasses more than just lipids under its 
purview and second, that mass spectrometry, imaging or otherwise, is only a 
portion of what can be used to understand health and disease. The idea of applying 
omics level identification of the transcriptome, lipidome, metabolome, proteome, 
etc. in an imaging level modality is both exciting and daunting, representing the 
next step forward.[168] My work in this thesis scratches at the surface of multi-
omics studies, incorporating lipidomic analyses, with tissue staining and non-lipid 
masses offering supporting evidence. It is a meager representation of the full scope 
of a spatial omics workflow, but I have contributed to such endeavors in 
collaboration with other scientific groups (see Other Publications, especially those 
with Queensland University of Technology and the Technical University of 
München).  

ADVANCING AT THE BORDERS 
Lipidomics is a broad field, encompassing both the identification of 

specific lipids and their position within the greater context of biology. If the earth 
is akin to the body, not only are we trying to identify where on earth elephants live, 
but their exact populations and the exact species in each location. My work has 
been dedicated to bringing together disparate technologies with the intent to take 
tissues and identify their lipid components without ever losing their position. To 
that end, a thorough review of the field as it stood in 2017 is provided, which shall 
hopefully expand upon this introduction and help explain further why this was 
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undertaken. From there we will improve lipid identification by sum composition 
using the highest mass resolution instrumentation ever applied to lipidomics 
imaging. Pushing spatial resolution was the next tack, which coincidentally 
dovetailed with improving ionization efficiency; both accomplished using MALDI-
2 post-ionization. Last has been a drive towards better methodologies in structural 
identification of lipids, trying to image lipids not just within one class but all 
glycerolipid classes. 
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ABSTRACT 
There are numerous reports demonstrating the heterogeneous spatial 

distributions of lipids throughout biology using mass spectrometry imaging (MSI). 
However, despite these and the biological significance of lipid alterations, there 
remains a surprising lack of understanding regarding the underlying origins of the 
lipid spatial distributions detected with MSI. With the rapid improvement in 
analytical capabilities of MSI instrumentation, it is now at the point that these 
biological questions can begin to be addressed. In this review we focus on (i) work 
providing insight into the biochemical origins of lipid spatial distributions, with an 
emphasis on the role of localized enzymatic processes  in determining lipid 
compositions; (ii) use of stable isotope labelling to spatially-resolve the kinetics of 
lipid synthesis; and (iii) current challenges faced by the lipid-MSI community and 
new analytical methods to overcome them. Combined, these topics highlight the 
added biological information that can acquired from the MSI of lipids.  

INTRODUCTION 
The continuous and rapid improvements in mass spectrometry (MS) 

technology is strongly correlated with the increased appreciation and understanding 
of the critical and complex roles performed by lipids in biology[169, 170]. While 
the ever-improving resolving power and structural elucidation capabilities of MS-
based lipidomics have shed light onto the sheer complexity of the lipidome, both 
with respect to compositional and structural variations, they have also highlighted 
the vast analytical challenges still faced[171]. To date, the majority of lipidomics 
studies are performed on extracts following sample homogenization. While these 
approaches have proven immensely valuable, they necessitate the loss of 
information regarding the spatial context of a lipid in a heterogeneous tissue or cell. 
As a consequence, information relating to the local microenvironment in which a 
lipid is present is sacrificed, and significant, but highly localized, lipid alterations 
may be diluted beyond the detection limit in the extract. 

Over the last decade, mass spectrometry imaging (MSI) has emerged as a 
powerful analytical method to probe the spatial distributions of many lipid classes 
throughout biological tissues[172, 173]. A key advantage of MSI over other 
imaging modalities is the ability to perform unlabeled imaging in parallel, with 
simultaneous detection of numerous lipid species having distinct mass-to-charge 
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values. From a lipidomics standpoint, one can thus think of MSI as performing a 
MS1-level shotgun lipidomics experiment at each pixel. This can be achieved using 
a variety of desorption/ionization methods, with Matrix-Assisted Laser 
Desorption/Ionization (MALDI)[173], Secondary Ion Mass Spectrometry 
(SIMS)[174] and Desorption ElectroSpray Ionization (DESI)[175] representing the 
most popular approaches. Lipids present a highly promising class of molecules to 
study by MSI, due to the high abundance and ionization efficiency of many lipid 
species, and to their implications in many biological processes. Furthermore, unlike 
other molecular classes like proteins, lipids have arguably the most straightforward 
sample preparation procedures, making their detection reproducible and 
robust[176]. By exploiting the untargeted nature of MS, it is possible to probe for 
induced lipid profiles within different tissues and cell types. Heterogeneity in lipid 
profiles is observed in virtually all MSI studies, highlighting the many and specific 
roles performed by individual lipid species, and the valuable information obtainable 
from the spatial location of lipids. This has led to the emergence of MSI as a 
potentially powerful diagnostic tool, capable of identifying tissue-type changes in 
lipid composition and making diagnostic predictions based on localized lipid 
composition[177]. To illustrate, changes in local lipid compositions have been 
shown to enable differentiation of brain tumor sub-types[178] or enunciate 
differences in fatty liver disease[179], while alterations in lipid profiles also show 
much promise for real-time annotation of tissue types during surgery[180, 181]. 
This approach is typical of many lipid MSI studies that seek to determine the 
alterations in global profiles throughout different tissue regions without necessarily 
needing to know the identity or implications of the detected lipids. However, to 
understand the biological meaning behind MSI data, identification of the lipid 
species is required. 

Despite the ever-increasing utility of lipid MSI as an (bio)analytical 
technique, it is remarkable that there exists scant knowledge as to why lipids exhibit 
different spatial distributions throughout tissues or with a change of biochemical 
state (e.g., disease). In many MSI studies, accurate mass and tandem mass 
spectrometry (MS/MS) are performed to identify some of the observed lipids. 
However, due in part to a general lack of understanding regarding the roles of 
individual lipid species in biology, it has been difficult to interpret lipid spatial 
distributions in terms of biological processes. To move beyond simply visualizing 
altered spatial distributions, it is becoming increasingly important to understand the 
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biochemical origin of lipid MSI results. This would enable the researcher to place 
images into a biological context and understand both the cause and consequence of 
spatially altered lipid compositions. With advances in sensitivity, spatial resolution, 
and chemical specificity, MSI technology is now at the point where it can begin to 
address these paramount questions. In this review, we describe MSI work focusing 
not only on lipid spatial distributions, but also on beginning to elucidate the 
underlying processes giving rise to lipid MSI data. We also describe advances in 
MSI technology that provide new opportunities for MSI (e.g., kinetics, improved 
lipidomics coverage, sensitivity, and structural specificity) along with critical 
analytical challenges that must be addressed to enable imaging of structurally 
defined lipid species (i.e., true molecular imaging). 

ANALYTICAL METHODS FOR MSI 
In this section we briefly describe relevant analytical aspects of the key 

desorption/ionization techniques used for lipid MSI. 

MALDI 

MALDI is the most prominent method used for lipid MSI. It offers high 
sensitivity for many important lipid classes, and can be coupled to most mass 
analyzers, enabling both high mass resolution and structural analysis via MS/MS 
of detected lipids. The requirement for a matrix compels careful consideration in 
regards to sample preparation, especially if high spatial resolution is required [182], 
and several protocols have been described for popular matrices [176, 183]. The 
classes of lipids detected can be somewhat tuned via matrix selection; however, in 
most cases positive-ion mode spectra are dominated by Phosphatidylcholine (PC) 
and Sphingomyelin (SM), while negative-ion spectra are dominated with acidic 
phospholipids and sphingolipids (e.g., sulfatides) [173]. Although termed a “soft” 
approach, MALDI can still result in some in-source fragmentation which can lead 
to erroneous assignment of detected ions, such as endogenous phosphatidic acid 
(PA), dehydrated Diacylglycerides (DAG) or free Fatty Acids (FA) as real peaks, 
rather than readily formed fragments of phospholipids. Commercial MALDI MSI 
instruments now offer throughput approaching 50 pixels/second and spatial 
resolutions down to 10 µm, while experimental instruments have approached the 
one micron realm [184].  

SIMS 
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SIMS offers the highest spatial resolution of any MSI technique. Using 
traditional atomic ion beams, spatial resolutions as low as several hundred 
nanometers have been achieved for lipid imaging [174, 185].  However, the 
resulting high energy desorption/ionization process results in severe fragmentation, 
making intact lipid species difficult to observe and impairing true lipidome imaging, 
as well as hindering interpretation. This has been partly addressed with molecular 
beams, such as C60

+, which offer softer ionization conditions and enable the 
detection of intact lipid species [174]. When deployed on instruments with direct 
current beam operation and continuous ion generation, spatial resolutions as low as 
300 nm have been reported [186]. More recently, gas cluster ion beams (most 
commonly argon) have further improved the analytical capability of SIMS for lipid 
MSI [187]. These offer the softest ion generation conditions of any SIMS approach, 
but are to-date limited to spatial resolutions in the low micron range and can still 
result in greater fragmentation compared to MALDI [187]. Thus, consideration of 
these effects is essential to avoid misinterpretation of fragment ions as biologically 
significant lipids. Nonetheless, the ability to generate intact lipid ions from tissues 
has led to the development of SIMS identification approaches using both MS/MS 
and high mass resolution systems [188-190].   

DESI 

DESI is the most widespread ambient ionization technique used for lipid 
MSI [191]. This technique facilitates MSI at atmospheric pressure without the need 
for an external matrix, as required for MALDI. It is a soft ionization method 
(similar to ESI), enabling detection of a broad range of lipid classes with minimal 
fragmentation. Additionally, it can be coupled to a variety of mass analyzers 
enabling high mass resolution and MS/MS for lipid identification. The typical 
spatial resolution is 100-250 µm, which is sufficient to resolve many distinct tissue 
regions characterized by different lipid compositions [192]. A unique aspect of 
DESI is the ability to perform in-situ derivatization during the desorption/ionization 
step, which can enable detection of poorly ionized lipid classes such as cholesterol 
[193].  

APPLICATIONS OF MSI TO LOCALIZED LIPID BIOCHEMISTRY 
Many lipid MSI studies have focused on elucidating the altered lipid 

metabolism within cancers. In a MALDI MSI study utilizing Fourier Transform 
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Ion Cyclotron Resonance (FTICR) mass analysis of six different types of cancer 
(breast, lung, colorectal, esophageal, gastric, and thyroid), Guo et al. observed 
elevated signals from monounsaturated lipids (MUL) [194]. All six cancer types 
across more than 100 different patients demonstrated a conserved set of lipid 
alterations, including PCs 32:1, 34:1, and 36:1 showing elevated signals in 
cancerous tissue relative to their saturated analogues. Interestingly, different 
cancers were found to overexpress specific MUL relative to others. For example, 
the PC(32:1):PC(32:0) ratio was increased in all cancer types except thyroid cancer, 
whereas the PC(36:1):PC(36:0) ratio was elevated in all cancers except colorectal 
cancer (Figure 2.1a). Concomitantly, polyunsaturated lipids, notably PC and 
Phosphatidylinositol (PI) 38:4, exhibited a marked decrease in concentration in 
several of the cancers. The source of these significant lipid alterations was 
determined by studying the associated expression of enzymes related to lipid 
synthesis [194]. A significant elevation in expression of fatty acid synthase, 
stearoyl-CoA desaturase-1 (SCD1), and choline kinase α in the cancers was 
observed and correlated well with observed MSI data (Figure 2.1b), suggesting 
lipid distributions were the result of localized enzymatic processes [194]. This 
meshes well with the understanding that SCD1 is the key enzyme of the rate 
limiting step in the synthesis of monounsaturated fatty acids [195]. Similar SCD1 
mediated alterations in monounsaturated PC lipids relative to saturated analogues 
have also been reported using MSI in breast cancer [196] and, tentatively, in 
lymphoma [197]. In addition to changes in (un)saturation, negative-ion mode 
MALDI MSI has shown sulfatides to be elevated in ovarian cancers [198]. 
Intriguingly, the increased sulfatide levels were not homogenous within the tumor, 
but instead localized to the tumor epithelium. Sulfatide levels were strongly 
correlated with a significant increase in both GalCer synthase (11-fold) and 
Galactose-3-O-Sulfotransferase 1 (3.5- fold) relative to normal ovarian stromal 
tissue, both of which are involved in sulfatide synthesis [198]. This provides a 
probable insight into the underlying biochemical origin of spatially resolved 
sphingolipid metabolism.  
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Figure 2.1 Elevated levels of monounsaturated lipids observed in various cancers by MALDI MSI at 200 µm pixel 
size. (A). MALDI MSI data of four different PC lipid species varying in degree of unsaturation acquired from 
thyroid, gastric, lung, esophageal, colorectal and breast cancers. Optical images of H&E-stained tissue sections of 
the six different cancers are provided above the corresponding MSI data. Cancerous areas are circled with a red 
dotted line and adjacent normal tissue with a blue dotted line.(B) Altered lipid compositions of cancers is also 
correlated with elevated levels in the expression of Stearoyl-CoA Desaturase 1 (SCD1), and Choline Kinase α 
(CKα) and Fatty Acid Synthase (FASN), eluding to the critical relationship between localized lipid compositions 
revealed by MSI and enzyme processes (Image adapted with permission from reference [194]). 

Enzymatic processes can also lead to the production of bioactive lipids that 
propagate the effects of disease/infection. In this context, several MSI studies have 
focused on the local synthesis and conversion of arachidonic acid containing lipids 
(AA-CLs). Scott et al [199] showed the breakdown of AA-CLs upon Francisella 
novicida infections in mice using MALDI TOF MSI and MALDI FTICR MSI. The 
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infection was spatially visualized throughout mouse spleens via the infection-
specific Lipid A molecule, which was distributed throughout the red pulp and 
detected from 36 hours post-infection (h.p.i.) (Figure 2.2a). Spatial alterations in 
the host lipidome were also detected and revealed a high initial abundance of 
PI(16:0_20:4) in the white pulp. At 48 h.p.i., a drastic decrease in PI(16:0_20:4) 
was observed and associated with the onset of sepsis breakdown of the white pulp 
and necrosis at 60 h.p.i. (Figure 2.2b). Similar reductions in other AA-CLs were 
also observed and confirmed with quantitative LC-MS/MS (Figure 2.2C). The 
decrease in AA-CLs was shown to be the outcome of AA detachment from 
phospholipids via an increased activity of cytosolic phospolipase-A2 in the 
infection (Figure 2.2D). Critically, this release of AA was associated with 
significant elevation in the cycloxegenase-2 pathway (Figure 2.2E), leading to the 
formation of the highly inflammatory eicosanoid prostaglandin E2 (quantified by 
LC-MS/MS).  



35 
 

 
Figure 2.2 Influence of enzymatic degradation and conversion of MALDI MSI analysis (75 µm pixel size) of 
Francisella novicida infected mice spleen. (A) MALDI TOF MSI revealing the spatial distribution of deprotonated 
lipid A detected at a nominal m/z 1665 at various times post-infection (0-60 hours) (B) Corresponding spatial 
distribution of deprotonated PI(16:0/20:4) detected at m/z 885.6. With increasing time post-infection, the 
increasing levels of infection-specific Lipid A is correlated with a dramatic reduction in PI(16:0/20:4) intensity 
and a loss of tissue structure. (C) Quantitative LC/MS of a variety of arachidonic acid containing lipids, all 
exhibiting a decrease in concentrations with infection progression. Changes in host lipid composition are correlated 
with increased expression of Cytosolic Phospholipase 2 (D) and Cyclooxygenase 2 (E), which result in the release 
of arachidonic acid from host lipids and conversion into proinflammatory prostaglandin E2, respectively. Image 
adapted with permission from reference [199]). 
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This dramatic and rapid generation of inflammatory eicosanoids is a major 
contributor to the lethality of the infection. Furthermore, 3D-MSI, using high-
throughput MALDI TOF systems, was used to generate a 3D model host-pathogen 
lipid interface, via the distribution of infection- and host-specific lipids [199]. 
Similar breakdown products from AA-CLs have also been implicated in 
Nonalcoholic Fatty Liver Disease. In a MALDI MSI study by Hall et al. distinct 
zonation of PC and SM lipids in nonalcoholic fatty liver were observed in disease 
progression, before subsequent loss in the advancement to nonalcoholic 
steatohepatitis [179]. AA-CL signals, in particular [PC(36:4)+K]+ and 
[PC(38:4)+K]+, were elevated in zone 3 of the liver and strongly correlated with 
the location of Lysophosphatidylcholine Acyltransferase 2, a key enzyme involved 
in phospholipid remodeling and the creation of AA-CLs, with the localization 
confirmed via immunohistochemistry. Moreover, proinflammatory eicosanoids 
were again observed and associated with release of free AA from phospholipids 
following the action of cytosolic phospholipase A2 and lipoxygenase related Alox15 
enzymes. The importance of AA-CL’s has also resulted in their spatial alterations 
being observed in several other MSI studies, including a MALDI MSI study 
detailing elevated levels of [PI(18:0_20:4)-H]- at the outer edges of colorectal 
cancers [200]. In another study, a logarithmic decrease in AA-CLs signals was 
observed from the base to the top of colon crypts and again correlated with local 
expression of various enzymes involved in lipid synthesis, breakdown, and 
metabolism [201]. Other examples of altered AA-CL distributions include an 
aggregation of AA-containing PC lipids near the site of spared nerve injuries, which 
correlated with microglia activation [202], and an observed gradient of AA-
containing PCs in the axons of mice neurons, with enriched levels observed within 
the axon and decreasing proximal-to-distal [203]. 

 
Alterations in sphingolipid metabolism have been studied using MALDI 

MSI, both liver and kidney with tissues sourced from wild type and sphingomyelin 
synthase 2 (SMS2) deficient mice when fed either a normal or high fat diet [177]. 
SMS2 is a key enzyme involved in the conversion of ceramides into SM. In all 
mice, potassiated SM(d18:1/16:0) was localized at the border of the renal cortex 
and medulla. In contrast, [SM(d18:1/22:0)+K]+ was localized in the medulla, with 
lower levels observed in the SMS2-knosckout mice [177]. Moreover, 
[SM(d18:1/24:0)+K]+ and [SM(d18:1/24:1)+K]+ were localized in the renal cortex 
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and exhibited reduced levels upon high fat diet and SMS2 deficiency, thus alluding 
to a role of SMS2 in region-specific SM synthesis in the kidney.  

Non-polar lipids, such as triacylglycerides (TAGs), have also been studied 
with MSI. In one SIMS study, a Bi3+ ion beam was used to probe intestinal 
absorption of dietary fat in mice, via analysis of their duodenums after different 
digestion times following force feeding with cholesterol-enriched sunflower oil 
[204]. Comparisons of peak ratios following different digestion times revealed 
selective alterations in certain lipid species. For example, peak ratios of C18-
containing Monoacylglyceride (MAG), DAG, and TAG signals increased with 
digestion time. Spatially, lipid signals corresponding to those species present at 
high levels in the oil (C18:2 and C18:1) increased mostly in the enterocytes (likely 
present as cytosolic lipid droplets), while C18:0, C16:1 and C16:0 carboxylate 
signals decreased in the lamina propria [204]. Isolation of cytosolic lipid droplets 
was performed, with neutral lipid composition confirmed with gas-liquid 
chromatography. Activity of acyl-transferase enzymes was also detected (MAG 
acyl transferase 2 and DAG acyl transferase 2), in addition to other enzymes 
including acyl-coenzyme A, cholesterol acyltransferase and adipose triglyceride 
lipase. This suggests that the SIMS MSI data, which showed localized uptake of 
dietary lipids, can be rationalized via enzymatic-driven metabolic processes. 

MSI has also been used to study lipid metabolism in plant seeds. Using 
MALDI MSI, Horn et al described the acyl-chain dependencies of lipid distribution 
in the oilseeds of Camelina sativa [205]. As an example, 18:2 containing lipids, 
such as PC(16:0_18:2) and PC(18:2/18:2), were enriched within the embryonic axis 
relative to cotyledons. In contrast, PC lipids containing 18:3 or 20:1 chains were 
enriched in the cotyledons relative to the embryonic axis. A variety of genetically 
engineered oil seeds, which were enriched in 16:0, 18:1 and 18:2 fatty acids, were 
produced via interference in the enzymatic synthesis of fatty acids and subsequently 
studied with MALDI MSI. In 16:0-enriched seeds, PC(16:0_18:2) revealed a 
relatively homogenous distribution in stark contrast to the wild-types seeds [205]. 
Moreover, even with 16:0 making up 40% of the available fatty acid pool, little of 
the fully saturated PC and TAGs (i.e., PC(32:0) or TAG(48:0) were observed, 
suggesting the presence of a metabolic bottleneck in the generation of fully 
saturated PC and TAGs. For engineered seeds enriched with 70% 18:1, 
PC(18:1/18:1) showed a heterogeneous distribution, being elevated in the 
cotyledons while polyunsaturated PC lipids were relatively increased in the 
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embryonic axis. These results suggested an incomplete suppression of fatty acid 
desaturase 2, with it being more active in the embryonic axis. In the context of 
genetically engineering oil compositions, this could infer an upper limit of 18:1 
accumulation determined by compartmentalization. Such effects can only be 
visualized with imaging methodologies, with this study in particular demonstrating 
the analytical potential of using altered lipid compositions to infer localized 
enzymatic processes and their alterations. 

 Finally, in some cases one can take advantages of the fact that positive-ion 
mode lipid MSI often results in the observation of multiple adducts for a given lipid 
species (e.g., [M+H]+, [M+Na]+ and [M+K]+). In MALDI studies, the ratios of 
adducts such as these are harder to interpret, as the chemistry of the applied matrix 
can create alterations during desorption/ionization step, making it imperative that 
changes in adduct ratios are not mistakenly interpreted as altered lipid compositions. 
However, changes in sodiated and potassiated ion ratios can potentially provide 
insight into altered activity of Na+/K+-ATPase activity. For example, using MALDI 
MSI, a relative increase in [M+Na]+ ion signal of PC(16:0-18:1) compared to 
[M+K]+ ion has been observed at the site of traumatic brain injury [206], while 
altered PC Na+/K+ ratios have also been observed in livers following hepatitis B 
virus (HBV) infected livers with HBV-mediated regeneration defects [207]. 

ADDING TEMPORAL DATA: VISUALIZING LOCAL LIPID 

DYNAMICS IN TISSUES 
Despite the vast potential of MSI to study alterations in localized lipid 

compositions throughout tissues, it is still blind to a critical aspect of lipid 
biochemistry; that of the dynamic nature of in-vivo lipid synthesis and turnover. A 
powerful approach to access this dynamic information lies in stable isotope 
labelling, as employed in flux-based lipidomics studies [208]. By incorporating 
stable isotopes involved in lipid synthesis into a biological environment, their 
uptake into various lipids can be detected with MSI. Although the use of stable 
isotope labelling combined with MSI has found success in SIMS, in particular 
nano-SIMS which enables sub-cellular imaging of isotopic enrichments, these 
studies are limited by the extensive fragmentation induced by the 
desorption/ionization step (e.g., detection of CH- or CN-) meaning only global 
enrichments can be measured. It is only recently that soft-ionization MSI methods 
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been deployed to study lipid dynamics of intact (and thus identifiable) lipid species 
[187].  

 
Figure 2.3 Use of isotope stable isotope labeling combined with MSI to reveal the kinetics of lipid synthesis 
(deuterium labelling via heavy water consumption in this example). (Row 1, 4) MALDI MSI data (50 µm pixel 
size) of various unlabeled lipid species (lipid species annotated above the corresponding column). (Row 2, 5) 
Corresponding spatial distributions of deuterium enriched (newly synthesized) lipid species. (Row 3, 6) ratio 
images of labelled:unlabelled lipid species showing relative synthesis rates of various lipids in each pixel (higher 
intensity equates to faster synthesis). Image used with permission from reference [209]. 

Two studies have applied MSI to study the kinetics of phospholipid 
synthesis following D2O administration [192, 209]. In both studies, drinking water 
was enriched with 8% D2O, resulting in the incorporation of deuterium into newly 
synthesized lipids. In the study by Louie et al, mice containing breast tumors were 
provided access to 8% D2O drinking water for 5 days prior to sacrifice and 
collection. Analysis of tissue was performed using nanostructured initiator mass 
spectrometry, which can be viewed as an alternative to MALDI where the surface 
acts as the matrix. The resulting per-pixel TOF spectra provided both lipid 
compositions (mostly PC lipids) and information regarding local synthesis by 
shifted isotope profiles [209]. Distributions of a variety of unlabeled PC lipids are 
provided in Figure 2.3 (row 1 and 4) revealing heterogeneous endogenous lipids 
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throughout the tumor tissue. Interestingly, MSI of the corresponding deuterium 
enriched lipid signals (Figure 2.3 row 2 and 5) and fractional enrichment values 
(Figure 2.3 row 3 and 6) reveal different ion distributions that likely reflect tissue 
and cell-type specific variations in lipid flux. In a similar study performed with 
DESI and rat brain tissue, subtle regio-specific alterations in the synthesis of several 
lipids, including PS(40:6) and PI(38:4) were observed [192]. For example, faster 
synthesis of PS(40:6) was detected in the cerebral cortex and the septal nucleus. In 
contrast, PI(38:4) revealed the highest turnover in the corpus callosum, where the 
overall concertation is lowest, providing evidence for either rapid 
degradation/conversion or redistribution throughout the brain. A potential 
disadvantage of D2O labelling is the high probability that a given lipid species can 
possess a distribution in the number of deuterium atoms. In the absence of sufficient 
mass resolution, this can invariably result in isobaric overlaps and obfuscates 
signals related to low-abundance lipid species. In an alternative approach, d3-
palmitate was used to study the kinetics of PC lipid synthesis within neurons 
cultured in a compartmentalized system [210]. Using high spatial resolution 
MALDI MSI (6 µm pixel size), the incorporation of labelled palmitate could be 
visualized across individual neurons. The most abundant labeled lipid signals 
corresponded to PC(32:0) containing two d3-palmitate acyl chains. Applying d3-
palmiate to the loading side of the culture, labelled d6-PC(32:0) was observed 
around the cell body and also within the neurites along the microgroove regions of 
the culture. When d3-palmiate was only added to the distal side, d6-PC(32:0) was 
only enriched in the tips of the neurites [210], suggesting that transport of newly 
synthesized lipids from the distal side throughout the neuron is restricted. 

The above reports have only just begun to scratch the surface of the 
possibilities enabled by kinetic-MSI coupled with isotope labeling, and it is certain 
to become a rapidly growing area for MSI in the near future, providing a window 
into a thus far hidden dimension of biochemical information and is expected to 
grow in popularity. It is likely that, to fully exploit isotope labelling, high mass 
resolving power MSI will be required to resolve (insofar as is possible with current 
high resolving power MSI instruments) isobaric ions that will inevitably be present 
due to both the diversity of naturally generated lipids and those enriched with stable 
isotopes (i.e., to resolve [PC(34:1)+H]+ containing 2x deuterium or carbon-13 
atoms from monoisotopic and [PC(34:0)+H]+). Regarding enrichment sensitivity, 
with current MSI technology it is reasonable to expect the ability to detect and 
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image enrichment factors of ~1% for many species in a single pixel, which is 
roughly an order of magnitude higher than required with current extract-based 
methods (e.g., those based on lipid extraction from homogenized tissue) [211]. 
With further improvements in sensitivity and dynamic range, isotope labeling 
strategies will provide a powerful toolbox for studying a diverse array of cell- and 
tissue-specific lipid synthesis and conversions processes.  

CURRENT ANALYTICAL CHALLENGES AND FUTURE 

OPPORTUNITIES IN LIPID MSI 
Lipid MSI has seen a dramatic improvement in both analytical capabilities 

and biological applications in the last two decades, yet there are still significant 
hurdles that must be addressed to enable both broad imaging of lipid classes and of 
well-defined lipid molecules. By and large, these issues arise from the sheer number 
of lipid molecules and classes present in biology. To illustrate, while some lipid 
classes (e.g., PC and SM in positive ion mode) possess relatively high ionization 
efficiencies, other important lipid classes (such as sterols and prostaglandins) are 
notoriously difficult to ionize with current MSI approaches. Moreover, the 
complexity of the lipidome introduces significant suppression effects such that the 
presence of certain lipid classes can impair the detection of others [212]. 

Lipidome complexity is partly addressed with the emergence of high mass 
resolution/accuracy MSI using FTICR or Orbitrap analyzers. Such approaches 
facilitate sum-compositional assignment of detected lipid species, but provide little 
structural information beyond this (e.g., composition of individual fatty acyl 
chains). Laser-induced post-ionization (MALDI-2) has emerged as promising way 
to begin to address typically low ionization efficiencies of some lipid classes [213, 
214]. Combined with high resolution mass analyzers, MALDI-2 has demonstrated 
significant improvements in lipidome coverage and resolution during MSI, with up 
two-orders of magnitude improvement for several lipid classes (e.g., GalCer and 
PE in positive-ion mode) (Figure 2.4). Other approaches to improve lipid coverage 
have been built on the observation that positive and negative-ion mode MSI offers 
detection of complimentary lipid classes with minimal overlap. For instance, using 
a precision controlled scanning laser beam and MALDI, it is possible to first 
acquire positive-ion mode data from a tissue section, with the laser not interacting 
with the entire tissue surface, after which negative-ion mode data can be acquired 
from the same tissue section using an interlaced scanning pattern [215]. When 
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applied to zebra-finch and lung cancer xenografts, it was possible to acquire both 
positive-ion and negative-ion mode data from a 50×50 µm2 area of tissue and merge 
the data from both polarities together for multivariate analyses, thus providing more 
comprehensive lipid coverage from a single sample analyzed with MSI. In an 
alternative approach, Kaya et al have demonstrated a novel method describing 
positive and negative-ion lipid MSI, as well as positive mode MSI of Aβ peptides 
in a  transgenic mouse model of Alzheimer’s disease (tgSwe) [216]. This approach 
enabled the spatial correlation of multiple lipid classes and Aβ peptides in amyloid-
β plaques. Moreover, derivatization strategies offer an exciting means to study the 
spatial distributions of lipid not yet detectable with current MSI approaches [217]. 
While not yet widely applied to lipid MSI, one report by Wu et al demonstrated 
using in-situ betaine aldehyde derivatization during DESI-MSI of mouse brain for 
the enhanced detection cholesterol and Vitamin A [193]. 
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Figure 2.4 Enactment of MSI sensitivity for a variety of lipid species using laser-induced postionization coupled 
with MALDI MSI (MALDI-2). (A) positive-ion mode MALDI-2 (top, black trace) and conventional MALDI 
(bottom, red trace) spectra acquired from MSI analysis of rat brain tissue at 100 µm pixel size. (B-H) The images 
were acquired from consecutive sections of rat brain. Corresponding ion distribution images along with the 
corresponding signal trace for MALDI and MALDI-2. Black arrows indicate whether MALDI or MALDI-2 data 
was sued to generate the shown image. PE and GalCer lipids are particular beneficiaries for positive mode MALDI-
2. (G) Optical image of the stained tissue sections acquired after MSI. Image reproduced with permission from 
reference [214]. 

Finally, to fully elucidate the ultimate origin of MSI-detected lipids, 
knowledge of the precise structure of the lipids is required. Known enzymatic 
processes give rise to fatty acids with defined chain lengths and double bond 
positions which are later incorporated into complex lipids [218]. While 
conventional MS/MS enables identification of acyl chain length and degree of 
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unsaturation, it typically provides little information on double bond positions or 
positioning of fatty acyls on the glycerol backbone. Consequently, the exact 
identities of lipids in an MSI experiment are ambiguous. In recent years, a selection 
of alternative strategies such as ozone-induced dissociation [165], ultraviolet 
photodissociation [161, 219], photochemical Paterno-Buchi reactions [220], and 
ion mobility [62] have been developed to begin to unravel lipid isomers from 
solution-phase extracts. Although they have not been reported for isomerically-
resolved MSI, these couplings provide promising approaches to being able to do so. 
Such techniques should enable lipid distributions to be directly correlated with the 
local activity of enzymes involved in their synthesis and catabolism. 

CONCLUSIONS 
MSI has evolved in the last two decades from a molecular imaging 

technique in its infancy to a potential powerhouse method for lipid analysis. 
However, as discussed in this review, it is only recently that insights into the 
underlying biochemical origin of lipid spatial distributions have started to coalesce. 
In-line with general knowledge of lipid biochemistry, it is apparent that to 
understand the biological context of lipids, lipidomics alone is often not enough. In 
particular, the role of localized enzyme compositions and processes has been 
heavily implicated as a key determinant of both lipid configuration and spatial 
distributions within tissues. Such multimodal information is likely a necessity to 
understand the cause and effect in lipid composition within tissues. However, lipids 
should not only be viewed as the end-products of enzymatic processes. Lipid 
composition is also determined by the local availability of molecular building 
blocks, which can be influenced via a variety of factors (i.e., diet or medications) 
and can be directly correlated to disease pathology. Additionally, while lipids 
themselves can participate in a multitude of metabolic/signaling processes and 
strongly influence membrane properties.  

With ever increasing analytical performance, the ability to acquire new 
spatially resolved lipidomics information has also emerged. This includes isotope 
labelling studies enabling localized lipid dynamics to be probed, as well as 
advances in desorption/ionization methods permitting enhanced sensitivity and 
broader detection of lipid classes during MSI experiments. Such increased lipid 
coverage is essential to understand the spatial correlations amongst different, 
structurally related lipid species. In the near future, we envisage adoption and 
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adaptation of methods originally developed for extract-based lipidomics which 
empowered enhanced structural resolutions. This is a key step towards overcoming 
the current ambiguity in MSI lipid annotations and will facilitate the imaging of 
structurally defined lipid molecules. Such advances will be essential to understand 
the effect of desired membrane properties on the signaling networks, leading to 
synthesis of certain lipids that are sensitive to subtle structural alterations [221]. 

Finally, we hope to reiterate that despite the challenges still be addressed, 
lipids present a highly promising and detectable family of molecules for MSI 
studies, both for tissue classification/diagnostics (i.e., based on lipid profile) and 
for understanding the underlying biochemical processes occurring throughout 
biology. 
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ABSTRACT 
Detailed characterization of complex biological surfaces by matrix-assisted 

laser desorption/ionization (MALDI) mass spectrometry imaging (MSI) requires 
instrumentation that is capable of high mass resolving power, mass accuracy, and 
dynamic range. Fourier transform ion cyclotron resonance mass spectrometry (FT-
ICR MS) offers the highest mass spectral performance for MALDI MSI 
experiments, and often reveals molecular features that are unresolved on lower 
performance instrumentation. Higher magnetic field strength improves all 
performance characteristics of FT-ICR; mass resolving power improves linearly, 
while mass accuracy and dynamic range improve quadratically with magnetic field 
strength. Here, MALDI MSI at 21T is demonstrated for the first time: mass 
resolving power in excess of 1,600,000 (at m/z 400), root-mean-square mass 
measurement accuracy below 100 ppb, and dynamic range per pixel over 500:1 
were obtained from the direct analysis of biological tissue sections. Molecular 
features with m/z differences as small as 1.79 mDa were resolved and identified 
with high mass accuracy. These features allow for the separation and identification 
of lipids to the underlying structures of tissues. The unique molecular detail, 
accuracy, sensitivity, and dynamic range combined in a 21T MALDI FT-ICR MSI 
experiment enable researchers to visualize molecular structures in complex tissues 
that have remained hidden until now. The instrument described allows for future 
innovative, such as high-end studies to unravel the complexity of biological, 
geological, and engineered organic material surfaces with an unsurpassed detail. 

INTRODUCTION 
Mass spectrometry imaging (MSI) has proven to be versatile tool, finding 

applications in a variety of fields including diseased tissue classification[222-225], 
bacterial infections and resistance[199, 226], and drug metabolism[227, 228]. The 
main strength of MSI is the ability to simultaneously reveal the spatial distributions 
of multiple molecules in a single experiment from complex biological materials, 
typically tissue sections[229]. However, the chemically complex samples typically 
analysed bring challenges associated with the mass resolution and unambgious 
assignment of the many different molecules detected. Due to this complexity, many 
signals are often unresolved from isobaric ions, meaning generated ion images are 
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not reflective one unique molecule. This is a major hindrance to studying the 
biochemical changes within tissues.  

The most popular approach to begin addressing this complexity is the 
coupling of high mass resolving power and high mass accuracy analyzers with MSI 
ion sources, most commonly matrix-assisted laser desorption/ionization 
(MALDI)[230]. This coupling allows mass resolution of many isobaric ion species, 
as well as direct assignment of elemental composition, thereby providing insight 
into the specific identities of the detected molecules. For lipids, arguably the most 
widespread analyte class studies with MSI[210, 231-233], high mass resolving 
power and accuracy can facilitate true identification of sum-composition formula 
(i.e., lipid class and the combined number of carbons and double bonds across both 
fatty acyl chains), while separation of many isobaric species. In comparison to other 
biological molecules, resolving lipid complexity is further complicated by their 
relatively narrow mass range, with the majority of signals observed between m/z 
700–900[234]. Lipids can further be observed as multiple adducts (e.g., addition of 
H+, Na+, K+, OAc-, Cl-, or loss of H+) and are entangled with isotopes and other 
isobaric species, resulting in highly complex mass spectra that cannot be resolved 
with conventional high mass resolving power (e.g., ≤150,000 @ m/z 750)[234]. 
Thus, to unravel the spatial distributions of unique sum-composition lipid species 
that can have dramatically different biological functions, improvements in the 
achievable mass resolving of MSI technology is needed. 

Fourier transform mass spectrometers; Fourier transform ion cyclotron 
resonance (FT-ICR) or orbital trapping (i.e., Orbitrap) offer higher mass resolving 
power and mass accuracy than other types of mass spectrometers (e.g., time-of-
flight and ion trap). FT-ICR mass spectrometers provide the highest mass resolving 
power and mass accuracy of any mass analyzer, with up to parts-per-billion (ppb) 
mass accuracy, high dynamic range, and mass resolving power values greater than 
1,000,000 in routine analyses[235-237]. Mass resolution and sensitivity in FT-ICR 
instrumentation can also be improved by the use of absorption mode 
processing[237, 238], although this has not yet been widely exploited for MSI 
applications[236]. In a proof-of-principle study, absorption mode MALDI FT-ICR 
MSI on a 9.4 T system provided mass resolving powers in excess of 250,000 for 
lipid species observed from mouse brain tissue[237, 239]. Several studies have 
shown similar high mass resolution on Orbitrap systems[217, 240, 241], though 
additional difficulties introduced in imaging systems typically report lower overall 
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mass resolution[242-244]. High mass resolution is necessary to distinguish both 
nominally isobaric lipids, where common mass differences of less than 10 
mDa[234] occur, as well as isotopic interferences, where mass differences less than 
3 mDa occur. While many lower field FT-ICR and Orbitrap instruments can 
distinguish the more common isobaric interferences, they are typically incapable of 
resolving mass differences less than 3 mDa[245-247]. More recently, desorption-
electrospray ionization-MSI using a 7T FT-ICR system combined with absorption 
mode processing and external acquisition electronics demonstrated resolving 
powers up to 1,000,000 for lipid species[236].  However, the number of ions had 
to be reduced to avoid space-charge and peak coalescence effects, which reduced 
the dynamic range by two orders of magnitude, and the m/z range was truncated 
(m/z 765-832). Higher magnetic field strength mitigates these problems, and 
enables larger ion populations to be analyzed, for high dynamic range broadband 
spectra at high mass resolution. The method described for DESI at 7 T helps 
overcome a key challenge in FT-ICR MSI by increasing the transient length while 
minimizing acquisition overhead, helping to balance the desired mass resolution 
with practical acquisition times for experiments that typically involve acquisitions 
of tens of thousands of spectra. These practical acquisition times are paramount 
within MALDI imaging, where the use of volatile matrices limits how long any 
single experiment can be performed before the matrix sublimes from the sample.  

Outside of the improvements offered by absorption mode data processing, 
analysis times can be reduced by increasing the strength of the magnet used for FT-
ICR. Mass resolution increases linearly with magnetic field strength[248], allowing 
for decreases in transient length without sacrificing resolving power. In the context 
of typically long MSI acquisition times, this improvement can reduce experimental 
times by several hours, a significant increase in throughput. Multiple frequency 
detection promises an increase in mass resolving power that scales linearly with the 
frequency order multiple[249]. However, to date this technique has not been 
applied to mass spectrometry imaging, though significant progress has been shown 
in ESI-based methods, which have reported mass resolving power of more than 
10,000,000 in the lipid range[235, 240, 250]. 

The key parameters of FT-ICR that vary with magnetic field strength 
(dynamic range, mass accuracy, and ion-number induced frequency fluctuations) 
are especially important in MSI, due to the changes in ion yield depending on tissue 
type[251], as well as a lack of control (e.g., via automatic gain control) over the 
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number of ions entering the analyzer cell at each pixel. Further, the rich information 
available within the lipid range sees an enormous benefit from higher magnetic 
fields, in part from the biological dynamic range of lipids, but also from the number 
of nominally isobaric peaks possible in biological tissues. The advantage of 
increased mass resolution is obvious, but the improvement to mass accuracy and 
dynamic range can be crucial. High mass accuracy over long analysis times is 
important to generate highly accurate MSI images, as any drift in mass across an 
experiment would necessitate either pixel-to-pixel correction for this drift, or wider 
mass selection windows for image generation to encapsulate the ion as its apparent 
m/z shifts over time. High-field FT-ICR mass spectrometers offer external mass 
calibrations of less than 0.2 parts per million (ppm)[252], and internal calibration 
less than 0.1 ppm[253].  High dynamic range is a key performance metric for MSI, 
given the wide dynamic range of lipid concentrations[254], and differences in the 
ionization efficiencies of these biomolecules. Increased dynamic range is important 
to distinguish low abundance species while still detecting highly abundant lipids 
without distortion in relative ion abundances. The higher the magnetic field of an 
FT-ICR, the less susceptible it is to ion-number induced frequency shifts, which 
can hinder identification of peaks and complicate calibration of datasets, as has 
been described previously[255-257].  

Within the field of lipidomics, both shotgun and LC-MS based 
methodologies have achieved mass resolution in the lipid range greater than 
100,000 along with sub-ppm mass accuracy, enabling assignment of 200-500 lipids 
in a single experiment[258-260]. Due to the increased fluctuations in signal 
intensity inherent to MSI, progress towards such endeavors is slower, success has 
been shown in a variety of FT based instruments with numerous ionization 
techniques, including Liquid Extraction Surface Analysis[261], MALDI[262], 
DESI[236], and LAESI[239]. LAESI  was performed on a 21 T FT-ICR mass 
spectrometer which separated the isotopic fine structure of nominally overlapping 
metabolites of plant leaves, which improved identification by utilizing multiple 
peaks per metabolite in the identification process. Additionally, the experimental 
time frame for the 21 T is significantly reduced compared to other instruments with 
similar mass resolution, without sacrificing either signal magnitude or mass range, 
as has been attempted with lower-field instruments[236, 239, 253].  

In this work, we evaluate for the first time the performance of MALDI MSI 
combined with 21 T FT-ICR MS for biological tissue imaging, as well as the use 
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of automated annotation to begin exploring the highly complex information 
available from such experiments. In particular, we demonstrate (i) the combined 
higher mass resolving power and mass accuracy with the stability of these 
parameters across long MSI experiments; (ii) increased biochemical information 
obtained during MALDI MSI facilitated by the high mass resolving power and 
mass accuracy; (iii) single-pixel dynamic range exceeding 500:1, which enables 
imaging and identification of very low abundance ions; (iv) automated analytical 
tools to identify potentially hundreds of lipids utilizing thousands of peaks. 
Combined, this work demonstrates the high potential of MALDI MSI and 21 T FT-
ICR for studying localized biomolecular processes within tissues and their disease-
induced alterations.   

METHODS 
MATERIALS 

Methanol (LC-MS grade), ethanol (LC-MS grade), xylene (LC-MS grade), 
water (LC-MS grade), anhydrous chloroform (≥99.9% purity), and crystalline 
norharmane (9H-β-carboline) were purchased from Sigma Aldrich (Zwijndrecht, 
The Netherlands) and used without further purification. Indium tin oxide (ITO)-
coated glass slides were purchased from Delta Technologies (Loveland, USA). 

BIOLOGICAL SAMPLES 

Healthy rat brain was obtained from Maastricht University in accordance 
with protocols approved by the Animal Care and Use Committee under Animal 
Experiment Committee (DEC) number 2016-006 AVD107002016720. 4 transverse 
rat brain segments (12-µm thick) were sectioned with a cryo-microtome at –20 °C 
and thaw-mounted on ITO-coated glass slides. Some distortion of the tissue 
sections occurred during the mounting process. 

SAMPLE PREPARATION  

Norharmane matrix (7 mg/mL) in CHCl3:MeOH (2:1 v/v) was applied to 
the tissue with a TM-Sprayer (HTX Technologies, City, USA). Spray conditions 
were as follows: flow rate, 0.12 mL/min; N2 pressure, 10 psi; N2 temperature, 
30 °C; spray-head velocity, 1,200  mm/min; track spacing, 3 mm; number of layers, 
15; drying time between layers, 30  s. 
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INSTRUMENTATION 

All MSI experiments were performed on a hybrid linear ion trap 21 T FT-
ICR mass spectrometer at the National High Magnetic Field Laboratory (NHMFL) 
at Florida State University (Tallahassee, USA). A Velos Pro linear ion trap (Thermo 
Scientific, San Jose, USA) was combined with NHMFL-designed external linear 
quadrupole ion trap, quadrupole ion transfer optics, and a novel dynamically 
harmonized ICR cell, which is operated at 7.5-V trapping potential[252]. Briefly, 
the cell uses 120° cell segments for ion excitation and detection, for improved 
excitation electric field, detection sensitivity, and reduced third harmonic 
signals[263, 264]. 

The commercial ion source and stacked ring ion guide were replaced with 
an elevated-pressure MALDI ion source incorporating a dual-ion funnel interface 
(Spectroglyph LLC, Kennewick, USA) as has been described previously[265]. 
Voltages within the funnels were 625 kHz, 150 V peak-to-peak (first, high-pressure 
ion funnel), and 1.2 MHz, 90 V peak-to-peak (second, low-pressure ion funnel). 
An electric field gradient of ~10 Vcm-1 was maintained within the dual-funnel 
system, with a gradient of 100 Vcm-1 between the sample and the funnel inlet. The 
system was equipped with a Q-switched, frequency-tripled Nd:YLF laser emitting 
349-nm light (Explorer One, Spectra Physics, Mountain View, USA). The laser 
was operated at a repetition rate of 1 kHz and pulse energy of ~1.2 µJ. Pressure 
within the ion source was set to 10 mbar in the first ion funnel, and 2 mbar in the 
second ion funnel. MALDI stage motion was synchronized with ion accumulation 
using the Velos trigger signal indicating commencement of the ion trap injection 
event, as previously described.[265] The mass spectrometer was operated with an 
ion injection time of 250 ms and automatic gain control (AGC) was turned off. A 
transient duration of 3.1 s was used for ultra-high mass resolving power analyses, 
resulting in a total time of 4s per pixel. Spectra were obtained in both positive and 
negative mode, at 100 µm spatial resolution. Total number of pixels per brain 
section were approximately 22,000, and 24 hours of experimental time. A Predator 
data station was used for ion excitation and detection[266].  

DATA PROCESSING AND ANALYSIS 

Absorption mode mass spectra transients were phased-corrected[267], and 
peaks with a signal magnitude greater than 6 times the standard deviation of the 
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baseline root-mean-square (RMS) noise were exported to peak lists. Mass 
calibration was performed on known lipid species, with a wide range of spectral 
intensities ([PC 34:1 + K]+, [SM 34:1;2 + H]+, [PE 36:4 13C + H]+, [PC 32:0 + Na]+, 
[PC 34:1 + H]+, [PC 38:4 + Na]+, and [PC 38:4 + K]+) and the data were converted 
to imzML format using in-house MATLAB routines, msconvert from the 
ProteoWizard software suite (version 3.0.11537)[268], and imzMLConverter 
version 1.3[269]. The ALEX123 software package was used for sum-composition 
lipid identification at a search tolerance of 1 mDa[259, 270]. All phospholipid 
classes were chosen, as were sphingolipids and glycerolipids, with chain-lengths of 
14 carbons or greater. Adducts were limited to H+, Na+, and K+, and negative mode 
was restricted here to simple loss of H+. Images generated are normalized to the 
total ion current per pixel (TIC). 

RESULTS AND DISCUSSION 
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Figure 3.1. Mass resolution and sensitivity improve with longer transient length. Within a 100 mDa mass range, 
seven different peaks are detected, which belong to six different lipid species. Of these, five are unresolved at 0.77 
s. While distinguishable at 1.55 s, all seven peaks are fully resolved only at 3.1 s transient. These seven peaks 
correspond to the isotopologues of the monoisotopic species, typically the 13C ion, as in a), b), f), and g). Other 
species are also present, corresponding to the 13C3 isotopologue, as in d) and e). The 18O13C isotopologue of 
[PC(34:1)+Na]+ is also resolved (c) from the 13C3 isotopologue of the same parent species 
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HIGH MASS RESOLVING POWER.  

To assess the benefits of performing 21 T MALDI MSI in terms of mass 
resolving power, we analyzed rat brain sections in both positive and negative ion 
mode using different transient acquisition times. Figure 3.1 shows the achieved 
mass resolving power in the positive-ion mode using 0.76, 1.55 and 3.1 s transients 
within the m/z range 785.52-785.6. Increasing mass resolution shows increasing 
spectral complexity, as 5 peaks are resolved from what first appears to be only 2, 
with 2 additional peaks within 100 mDa which were sufficiently distinct to be 
identified at all transient lengths. We annotated the 7 peaks within this region as 
belonging to 6 different species of lipids: [PE(36:1)+K]+, [PC-O(34:1)+K]+, 
[PC(34:1)+Na]+, [PC(36:4)+H]+, [PC(34:0)+Na]+, and [PC(36:3)+H]+. Of these, 4 
are the 13C1

 isotope: ([PE(36:1)+13C+K]+, [PC-O(34:1)+13C+K]+, 
[PC(34:0)+13C+Na]+, and [PC(36:3)+13C+H]+), 2 are the 13C3 isotope ([PC(34:1)+ 

13C3+Na]+ and [PC(36:4)+ 13C3+H]+), and the final peak is the 13C18O isotope 
([PC(34:1)+ 13C18O+Na]+). These peaks show mass accuracy errors between -50 
and 13 parts-per-billion (ppb). Additionally, isotope ratios in the summed average 
spectra deviate <15% from theoretical in these 7 peaks (Figure 3.2), offering 
additional certainty in that correct sum-composition identification has been made, 
as well that there are no convoluted peaks being presented as a single peak. 
Deviation from the expected 2-fold improvement in mass resolving power upon 
doubling of the transient duration is due to known collisional damping during the 
detection event[252]. Current work focuses on a solution to limit transmission of 
the neutral buffer gas in the external accumulation multipole to the ultra-high 
vacuum region.  Recently, a mass resolving power of ~600,000 (at m/z 760) for 
MALDI MSI on a 15 T FT-ICR MS (the highest commercially magnetic field 
available for FT-ICR) was reported. This value also deviates from the theoretical 
mass resolving power for a 5.2 s transient (magnitude mode), which is 
~788,000[271]. 
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Figure 3.2 Single scan chromatograms expanded on the isotopes of [PC(34:1)+K]+. Also listed are the identified 
isotopic peaks from the averaged spectra, as well as their comparisons to theoretical. 

To further assess the utility of the 21 T, we analyzed the dataset for peaks 
with close neighbors (here defined as <10 mDa). We extracted the 3.1 s transient 
from a single pixel (number 10,000) as a representative spectrum from each dataset. 
In positive-ion mode, a difference of 0.0024 Da (2.4 mDa) at m/z 810 was present 
(Figure 3.3a), representing the difference between Na1H1 versus C2 (the addition of 
two carbon atoms and three double bonds to the lipid fatty acid chains) which 
requires a mass resolving power (m/∆m50%) of 337,000 at m/z 810 to resolve. These 
two ions were well resolved, and lipid identities were assigned [PC(36:1)+Na]+ and 
[PC(38:4+H)]+ with high confidence (100 ppb, see discussion below). Each species 
had very different spatial distributions, with the former ([PC(36:1)+Na]+) being 
relatively evenly distributed (Figure 3.3b), while the latter ([PC(38:4+H)]+) had 
higher abundance in the lateral ventricle (Figure 3.3c). The higher abundance of 
[PC(38:4)+Na]+ in the ventricles matches with its role as a pro-inflammatory 
cytokine[272]. Interestingly, such a small mass difference was not uncommon, with 
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a mass difference of 2.4 mDa observed over 190 times in any single pixel spectrum, 
and more than 1,000,000 times over a single MSI experiment (Figure 3.3d). 
Without sufficient mass resolving power, any one of the images of these ~190 pairs 
of closely spaced ions could yield incorrect assignments and yield a summed spatial 
distribution reflective of neither individual species. A variety of other recurrent 
mass differences can be detected in the single spectra, ranging from 1-10 mDa, 
including isotopic patterns (e.g., 13C2

 vs H2 is a difference of 8.94 mDa). The change 
in 13C2 vs H2 is an important one, as this denotes the possible overlap for species 
that differ by a single double bond (i.e., as PC(34:1) to PC(34:0)). Single 
unsaturation changes have been shown to be important in various types of disease 
states, including cancers[194, 196] and multiple sclerosis[273], and so the ability 
to resolve such fine mass differences opens the door to studying the precise roles 
of the subtle changes in lipid structure throughout tissues. 
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Figure 3.3. Representative images of close mass differences in negative and positive mode, from a single, scan. 
Images are total ion current normalized. Positive mode lipid spectra have a significant number of mass differences 
of 2.4 mDa (a), representing the difference between 12C2 and 23Na1H. 2.4 mDa differences are resolved at better 
than baseline separation, and show significantly different distributions within brain tissue (b and c). There are 
nearly 200 such differences in the averaged spectra, shown in 0.5 mDa bins (d). Similarly, negative mode spectra 
have 1.79 mDa mass differences (e). These 1.79 mDa differences are resolved to better than full-width half-
maximum, differentiated well enough to distinguish them in brain tissue (f and g). The of 1.79 mDa mass difference 
is relatively uncommon in negative mode, but mass differences of 10 mDa or less occur approximately 500 times 
in the averaged spectra, shown in 0.25 mDa bins (h).  

Using the same experimental design in the negative-ion mode, additional 
small mass differences could be resolved. For example, a mass difference of 
0.00179 Da (1.79 mDa) at m/z 757.52 was observed at 31 different masses. This 
corresponds the mass difference of C2N1

13C1 versus H3O3 (Figure 3.3e). While less 
common than the NaH vs. C2 split in positive mode, ether-linked 
phosphatidylethanolamine (PE) and PC lipids can have this difference from the 
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phosphatidylglycerol (PG) class. These peaks were thus identified as 
phosphatidylethanolamine [PE(O-38:7)+13C-H]- and [PG(34:1)-H]-. This is the 
smallest mass difference observed in any MSI dataset to date. The PE is a 13C-
containing nuclide of the monoisotopic PE lipid at m/z 746.51300. PE and PG lipids 
are synthesized by different biological pathways and have different physiological 
function. PE lipids are ~20% of all phospholipids, and are especially abundant in 
white matter of the cerebellum (Figure 3.3f)[274]. By contrast, PG lipids are 
associated with ATP-Binding Cassette 3, though what transport function is utilized 
is unknown[275]. The 1.79 mDa mass difference occurred over 100,000 times in 
our MSI experiment, with 33 unique pairs detected in the total mass spectrum. As 
in the positive mode, the 13C2 vs H2 difference occurs regularly, and has many of 
the same ramifications as discussed above. 

DYNAMIC RANGE.  

Figure 3.4. Single on-tissue mass spectrum illustrates high dynamic range per pixel. Peaks were picked at a 
threshold of six standard deviations above the baseline noise. Dynamic range in a single average pixel of at 536:1 
is demonstrated here at pixel number 10,000, (a).  Mass scale expanded segment around most abundant peak [PC 
34:1 + K]+ (b). Further, peak at 798.5410 generates a bright image (b).  One of the lowest S/N peaks, the 13C2 
isotope of [PE 46:5 + H]+ (c) while less clear, still yields informative molecular images, being highlighted 
especially in the ventricles (images are TIC normalized).  

 



61 
 

One of the most problematic complications in MSI is the low relative 
ionization efficiency from the surface, which combined with the wide range of 
analyte concentrations, places significant demands on the single scan dynamic 
range achievable in an MSI experiment. High sensitivity and dynamic range are 
thus necessary to detect low abundance and/or poorly ionized species without 
distorting the peak abundances obtained from high intensity signals. Figure 3.4a 
shows a single pixel mass spectrum of the lipid m/z range from the positive-ion 
mode dataset (scan #10,000), which has a dynamic range of 536:1 (expanded mass 
range spectrum shown in Figure 3.5).  

 

Figure 3.5 Expanded mass spectral range for scan #10,000, representing approximately half of the full mass range 
per pixel.  

The dynamic range was calculated by dividing the signal magnitude of the 
base peak by the peak detection threshold of six standard deviations (6σ) above the 
baseline noise. As typically observed from brain tissue, the [M+K]+ ion of PC(34:1) 
generated the highest signal magnitude, with a signal-to-noise=2,370:1 (Figure 
3.4b; side lobe artifacts are a result of the absorption mode processing, and current 
work is focused on their removal). By contrast, rat brain tissue sections prepared 
from the same original organ a under the same conditions showed a signal-to-
noise=336:1 on a Thermo Orbitrap Elite set at 240,000 resolving power (@ m/z 
400) at the Maastricht MultiModal Molecular Imaging Institute. Using a peak 
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detection threshold of 6σ above the baseline noise, the lowest intensity signal was 
observed with a signal-to-noise=6 and corresponded to the [PE(46:5)+13C2+H]+ 
(Figure 3.4c).  

 

Figure 3.6. Single pixel spectra of [PE (46:5)+NH4]+. Full spectra of all identifiable isotopes available in (a). 
Monoisotopic mass shown in (b), first 13C isotope in (c), and 13C2 isotope in (d). 

Figure 3.6 shows the isotopic distribution for PE 46:5, where the 13C2 

containing nuclide can be identified at M+2.  
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Figure 3.7. PPM error distribution of 3 most abundant isotopologues of [PE(46:5)+NH4]+. 
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Figure 3.7 shows ppm error distributions for the monoisotopic peak, M+1 
(13C1), and M+2 (13C2) which show good mass accuracy, despite the low S/N of the 
M+2 peak. Per pixel, the average dynamic range in positive ion mode was 438:1, 
with a maximum dynamic range of 2090:1 and a minimum of 60:1 (Figure 3.8). 
Negative-ion mode spectra had lower signal magnitude than positive mode, 
limiting the average dynamic range to 214:1, with a maximum of 849:1 and 
minimum of 30:1 (Figure 3.9).  
 

 

Figure 3.8. Histogram of dynamic range for positive-ion mode. Bin size = 50. 
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Figure 3.9. Single on-tissue mass spectrum of the negative ion-mode, demonstrating high dynamic range. Peaks 
were picked at a threshold of 6 standard deviations above the baseline noise. Dynamic range in a single average 
pixel is demonstrated here by pixel number 10,000, at 251:1 (a). The spectra is expanded to show the spectrum 
around the lowest peak, in this spectrum as [PE-O(34:1)-H]- (b). An expanded view around the most abundant 
peak [PI(38:4)-H]- (c). 

HIGH MASS ACCURACY.  

FT-ICR MSI at 21 T showed a root-mean-square (rms) mass measurement 
accuracy of 62.12 ppb (Figure 3.10a), over 2-fold lower rms mass accuracy 
achieved on a 9 T instrument, which was limited to an rms of 158 ppb[276]. The 
center of the distribution is centered near zero, and the low standard deviation 
indicates low m/z fluctuation during the imaging experiment.  
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Figure 3.10. Error histogram and average mass error of tentatively identified lipids after internal calibration. 
Measured mass error histogram of 139 phosphatidylcholine lipids; the rms error is 61.12 ppb. Bin size = 10 ppb. 
(a), Lipid identifications by class. A tolerance of +/- 250 ppb results in 702 potential lipids identified within 150 
ppb of their expected mass (b). 

Figure 3.11 shows the measured m/z variation for [PC(36:1)+H]+ (m/z = 
788.61638, dotted red line indicates the exact m/z) over the imaging experiment, 
where the maximum m/z deviation is 0.00018, with a standard deviation of 0.00078. 



67 
 

Internal calibration was performed using 7 tentatively identified lipid masses 
([PC(34:1)+K]+, [SM(34:1;2)+H]+, [PE(36:4)+13C+H]+, [PC(32:0)+Na]+, 
[PC(34:1)+H]+, [PC(38:4)+Na]+, and [PC(38:4)+K]+). After this internal 
calibration, all scans were summed (in the mass domain), which generated an initial 
peak list of 2,643 above the 6σ noise limit. This list was then submitted to 
ALEX123 for identification. We tentatively identify 702 monoistopic lipid peaks 
in positive-ion mode, which all have mass accuracy values of ±150 ppb (Figure 
3.10b). These 702 lipid peaks correspond to 388 unique lipid IDs, after accounting 
for three possible cations types, which accounts for 26.9% of the initial peak list. 
SI Table 1 (not reproduced in this work, please see original publication) contains a 
full list of these lipids. An additional 1,400 spectral peaks are as isotopologues 
(typically 13C and 13C2) of the 702 lipids, which accounts for ~80% of all peaks. 
Negative ion mode yielded similar results, where 662 potential monoisotopic lipid 
peaks (34%) were identified out of an initial peak list of 1,927. Due to the lower 
S/N of the negative mode spectra, only 738 further peaks were identified as isotopes, 
for a total of ~72.6% of all peaks identified.  

 

Figure 3.11. Mass accuracy measurement of [PC(36:1)+H+]+. Each dot represents assigned 
peak in a single spectrum.  
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These lipid IDs are supported both by the high mass accuracy (<150 ppb, 
most <100 ppb) and in the positive mode by the intensity of multiple cations for the 
same species, relative to one another (Figure 3.12a). As protonation, sodiation, and 
potassiation are all potentially available in brain MSI, we examined the potential to 
confirm our lipid identifications by comparing all 3 cations. For the most abundant 
lipid (PC(34:1)), the [M+K] ion has an average ppb error of 16.7, [M+Na] -43.5, 
and [M+H] 2.2. While these mass errors are low enough individually to be highly 
confident in their assignment, having all 3 ions within 60 ppb of one another 
provides another layer of certainty. Additionally, we can examine the normalized 
peak intensities of all 3 ions to one another, in this case showing 100%, 47.9%, and 
21.4%, simplified to a ratio of 4.7:2.2:1. While this insight is not necessarily 
informative on its own, we can compare this ratio to other PCs, with all the PCs 
above 3% of the base peak showing the same ratio (Figure 3.12a). Further, PCs that 
vary in relative intensity down to 0.2% of the base peak have generally similar 
ratios to PC(34:1), although as the intensities begin to approach the 6σ limit, the 
ratios begin to deviate and be less similar (Figure 3.12b). One likely scenario for 
this discrepancy at low S/N is that as peaks for any given scan drop below the 6σ 
threshold, the least abundant ions are ignored, leading to sum signal magnitudes in 
the averaged spectrum that are slightly erroneous. However, as the relative ratios 
of the three cations are invariable across three orders of magnitude, it improves our 
certainty that each identification is correct for all lipids within that class. While we 
observe no alterations to this ratio in the abundant lipid classes, theoretically 
alterations to this standard ratio could indicate greater abundance of a given lipid 
within different brain structures (i.e., within the ventricle space rather than within 
gray or white matter). It is worthwhile to further explore the potentials here, and 
whether there are observable changes to this ratio between other brain tissues.  
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Figure 3.12. Relative abundance of identified lipids by cation and anion for selected classes. In the positive mode, 
the three major cations (proton, sodium, and potassium) are aligned next to one another, showing the same relative 
percentages between species, from the most abundant species (PC 34:1) and the other PCs above 3% (a), as well 
as for the lower abundant species down to the least abundant species with all three cations represented, PC 44:12 
(b). The relative ionization rate between K+, H+, and Na+ hold strictly true down to 1.5%, and generally true down 
to 0.05%. While the dynamic range is lower for negative mode, we see many potential identifications for many 
lipid classes (c). We further observe a similar ability to identify potential lipids as low as 0.15% of the most 
abundant peak (PI 38:4), for a range of nearly 3 orders of magnitude from the summed spectra (d).  
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Additionally, we observe that other lipid classes show similar, though 

slightly different ratios (Figure 3.13), potentially related to the changes in brain 
tissue. Negative ionization does not typically have multiple ions of the same species 
(with deprotonation being the only common method of generating lipid anions 
unless dopants are added[277, 278]); however, between the most abundant 
phosphatidylserine (PS(40:6)) and the least abundant (PS(34:4)) there is only a 
change in ppb error of 17.3 despite a change in intensity of more than an order of 
magnitude (Figure 3.12c). 
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Figure 3.13. Positive mode lipid class identifications, with potassium, sodium, and proton cationization. The lipids 
follow the same general trends as found in the more abundant PC lipid class, although as the relative intensity of 
the lipids decrease the ratio between different cations breaks down, as highlighted by several PEs with H+ 
cationized species several times more intense than their potassiated counterparts (a). Several classes also 
demonstrate no protonation, due to the potential lack of sites for such ionization (b and d). Sphingomyelin follows 
the closest trend to the PC class, with a K:H:Na decrease for each lipid identified (c). The lysophospholipids and 
PS show the most marked diversion for the number of lipids potentially identified in those classes (e and f). 

CONCLUSION 
We have demonstrated the utility of combining MSI workflows with a 21 

T FT-ICR mass spectrometer. The high magnetic field, combined with a state-of-
the-art ICR cell design provides ultra-high mass resolving power, ppb mass 
measurement accuracy, and high sensitivity for molecular imaging studies. This 
advanced instrumentation will pave the way for better understanding of the 
molecular structure of many tissue types, as well as clarifying current ambiguities 
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in MSI. The unique capabilities of this instrument have not yet been fully utilized: 
on-line tandem mass spectrometry is possible via collision induced dissociation in 
the linear ion trap, or in the ICR cell via infrared multiphoton dissociation or 
ultraviolet photo dissociation. Further, the use of harmonic detection cells would 
further increase the speed of acquisition in these experiments or allow for even 
higher mass resolving power in a similar time frame. Combined with data-driven 
MSI acquisition techniques (such as Data-Dependent Acquisition), this instrument 
promises the most information per unit time of any MSI platform. The estimated 
number of charges sent to the ICR cell in these experiments is ~4 × 105, based on 
the mass spectral calibration parameters. The 21T FT-ICR routinely operates with 
ion targets of 1–3 × 106, so additional improvement in dynamic range per pixel is 
expected. Further, we aim to leverage the unique capabilities of this instrument for 
other biomolecule imaging experiments, such as metabolites, tryptic peptides, and 
intact proteins. The 21T FT-ICR is available free of charge to all qualified users as 
part of the NSF High Field FT-ICR Mass Spectrometry User Facility. This 
instrument will provide valuable insight into the molecular complexity of tissues at 
an unprecedented mass spectral resolution, allowing for greater insight into the true 
distribution of all molecules, as well as accelerating the identification of subtle 
changes hidden within tissues. 
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ABSTRACT 
Matrix-Assisted Laser Desorption/Ionization-Mass Spectrometry Imaging 

(MALDI-MSI) is a powerful technique for visualizing the spatial locations of lipids 
in biological tissues. However, a major challenge in interpreting the biological 
significance of local lipid compositions and distributions detected using MALDI-
MSI is the difficulty in associating spectra with cellular- lipid metabolism within 
the tissue. By-and-large this is due to the typically limited spatial resolution of 
MALDI-MSI (30-100 µm) meaning individual spectra represent the average 
spectrum acquired from multiple adjacent cells, each potentially possessing a 
unique lipid composition and biological function. Use of oversampling is one 
promising approach to decrease the sampling area and improve the spatial 
resolution in MALDI-MSI, but it can suffer from a dramatically decreased 
sensitivity. In this work we overcome these challenges through the first coupling 
of oversampling MALDI-MSI with laser-post-ionization (MALDI-2). We 
demonstrate the ability to acquire rich lipid spectra from pixels as small as 6 µm, 
equivalent to or smaller than the size of typical mammalian cells. Coupled with an 
approach for automated lipid identification, it is shown that MALDI-2 combined 
with oversampling at 6 µm pixel size can detect up to three times more lipids and 
many more lipid classes than even conventional MALDI at 20 µm resolution in the 
positive-ion mode. Applying this to mouse kidney and human brain tissue 
containing active multiple sclerosis lesions, where 74 and 147 unique lipids are 
identified, respectively, the localization of lipid signals to individual tubuli within 
the kidney and lipid droplets with lesion-specific macrophages is demonstrated. 
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INTRODUCTION 
Matrix-Assisted Laser Desorption/Ionization-Mass Spectrometry Imaging 

(MALDI-MSI) is a powerful method for visualizing the spatial distributions of 
lipids throughout biological tissues [279-281]. Its versatility for mapping changing 
lipid compositions within tissues has been demonstrated in a variety of applications, 
including oncology [282-284], bacterial infections [285, 286] and liver disease [287, 
288], amongst many others. The heterogeneous lipid compositions observed with 
MSI are ultimately the result of cellular-level lipid metabolism occurring within the 
cells constituting the tissue sample. However, to-date, detailed interpretation of 
lipid MSI data in terms of cellular-level lipid metabolism has been a major 
challenge, due to limitations in both technology and informatics. One of the most 
significant limitations has been the relatively low spatial resolution of conventional 
methods. Typical experiments are performed at pixel sizes of ~30-100 µm, 
significantly larger than most mammalian cells. As a result, each pixel (spectrum) 
represents the averaged lipid profile acquired from multiple adjacent cells, each 
potentially possessing distinct metabolic hallmarks and biological functions. This 
precludes measuring a lipid profile that is reflective of any individual cell, or even 
single cell-type, within the tissue. 

The main limitation of pixel size in MALDI-MSI is the area of 
desorption/ionization on the tissue surface, that, in turn, is dependent on the laser 
spot size. Several groups have reported optical modifications to commercial 
MALDI-MSI ion sources that have reduced the laser spot size, and thus achievable 
pixel sizes, down to < 10 µm and at best ~1 µm [289-293]. For example, Kompauer 
et al recently reported a modified atmospheric pressure MALDI-MSI source 
capable of reaching 1.4 µm pixel size and imaging lipids within single cells [290]. 
A drawback of these approaches for reducing laser spot size is the requirement of 
modifications to instrument optics, and the relatively short depth of field of 
narrowly focused lasers. The latter issue can potentially render the approach 
sensitive to sample topology or imperfect flatness of the sample stage, which can 
lead to changing laser fluence and ionization efficiency across the sample surface. 
Although recent developments in autofocusing methods to compensate for sample 
topography can help ameliorate these effects, these are not yet widely used [294]. 

An alternative method to improve spatial resolution of MALDI-MSI is 
through the oversampling approach [295]. In oversampling, once all material at 
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given sampling position has been desorbed/ablated the sample stage is moved by a 
distance smaller than the laser spot size. As a result, only part of the laser beam is 
used for desorption/ionization and pixel sizes smaller than the spot size can be 
achieved. The primary advantage of oversampling is it can be employed on most 
commercial MALDI systems without hardware modifications, so long as the stage 
is capable of performing sufficiently small steps. Examples of MALDI-MSI in the 
oversampling mode include imaging of glycosphingolipids in spleen tissue from a 
Gaucher disease model at a pixel size of 15 µm [296], phospholipids and sulfatides 
in brain and lung tissue down to 10 µm pixel size [297], and human colon tissue at 
a pixel size of ~5 µm [298]. High throughput imaging using continuous raster-mode 
acquisitions can also generate ions under oversampling-like conditions, where only 
the edge of the laser beam is generating signal [299], although it has been suggested 
that severe oversampling conditions can lead to reduced sensitivity in raster-mode 
MSI [300]. In addition to MALDI, oversampling has also been utilized in IR-
MALDESI experiments where a 10 µm pixel size was achieved for cholesterol 
imaging from human cervical tissue, although the authors noted that at such pixel 
sizes a dramatic decrease in sensitivity and lipid coverage was observed [301]. 

 A challenge with oversampling using conventional MALDI lasers with 
Gaussian-like intensity profiles is that only the edges of the laser spot, where the 
fluence is lowest, is available for desorption/ionization. This can lead to conditions 
where, although matrix and analyte are desorbed from the surface, analyte 
molecules are not efficiently ionized. Such effects can be particularly significant in 
the conventional pixel-by-pixel acquisition mode [302]. An innovative option to 
overcome this decreased ionization efficiency is through the use of laser post-
ionization combined with MALDI-MSI (so-called MALDI-2). MALDI-2 has been 
demonstrated to enable an up to two order of magnitude increase in sensitivity for 
lipids and other molecular classes from biological tissues [144, 214, 303]. Recently 
MALDI-2 has been combined with transmission mode MSI to enable spatial 
resolutions as low as 600 nm under oversampling conditions [80], but it has not yet 
been evaluated for oversampling using conventional front-side MALDI laser 
introduction.  

In this work we evaluate for the first time the use of oversampling MALDI-
MSI combined with MALDI-2 for the imaging of lipids on a high resolution 
Orbitrap mass spectrometer. Exploiting the increased ionization efficiency enabled 
by MALDI-2 we demonstrate the ability to generate rich lipid signals from pixel 
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sizes as low as 6 µm from an original laser spot size of ~15 µm. In addition, using 
an automated lipid identification workflow we have studied the types and numbers 
of lipid species that can be detected using MALDI and MALDI-2 in both 
conventional and oversampling imaging modes. This provides what is to-date the 
most comprehensive overview of lipid detection using MALDI-2. The utility of this 
method for high content and high spatial resolution lipid imaging using 6 µm pixel 
sizes is demonstrated using rat liver, mouse kidney and human brain tissue 
containing active multiple sclerosis lesions, where localization of lipid signal to 
individual cellular-level features is found. This unique combination of high mass 
accuracy, high mass resolving power, high spatial resolution, and enhanced 
sensitivity provides an exciting method to study lipid metabolism at the cellular 
level within heterogeneous and complex tissue sections.   

METHODS 
MATERIALS 

Isopropanol (LC-MS grade), ethanol (LC-MS grade), 2,5-
Dihydroxybenzoic acid (DHB, ≥99.9% purity), 2,5-Dihydroxyacetophenone 
(DHA) and water (LC-MS grade) were purchased from Sigma Aldrich 
(Zwijndrecht, The Netherlands), and used without further purification. 
Hematoxylin (Merck, Darmstadt, Germany) and eosin Y (J.T. Baker, Center Valley, 
PA, USA) were used under standard laboratory protocols. Indium tin oxide (ITO)-
coated glass slides were purchased from Delta Technologies (Loveland, USA). 

BIOLOGICAL SAMPLES 

Healthy rat liver was obtained from Maastricht University in accordance 
with protocols approved by the Animal Care and Use Committee (DEC number 
2014-120) and was from the same animal used in a recent study [304]. Rats were 
provided ad libitum access to water and regular chow. One mouse kidney was 
collected from an LDL R-/- mice from a protocol approved by the Animal Care and 
Use Committee (DEC number 2014-069) at Maastricht University. Mice were 
provided ad libitum access water and regular chow. Animals were housed and cared 
for at the Central Animal Facility of Maastricht University according to local 
standards. 12-µm thick sections were prepared using a cryo-microtome (Leica, 
Nussloch, Germany) at –20 °C and thaw-mounted on ITO-coated glass slides. 
Sections were stored at -80°C until analysis which occurred approximately 6 
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months after sectioning. Human brain tissue with active multiple sclerosis (MS) 
lesions were obtained from the Netherlands Brain Bank (NBB, Amsterdam, 
Netherlands). The Netherlands Brain Bank received permission to perform 
autopsies for the use of tissue and for access to medical records for research 
purposes from the Ethical Committee of the VU University Medical Center, 
Amsterdam, The Netherlands. The experiments protocols and methods used for 
analyzing active MS lesions were conducted with the approval of the Netherlands 
Brain Bank and the Medical Ethical Committee Hasselt University, and carried out 
according to institutional guidelines. Brain tissue was stored at -80°C until 
sectioning. 10-µm thick sections were prepared using a cryo-microtome and were 
thaw-mounted onto standard glass slides, transported to Maastricht University on 
dry ice and then again stored at -80°C until matrix application and MSI analysis. 
The time between sectioning and analysis was less than one month. 

SAMPLE PREPARATION 

Matrix application was performed via sublimation [305]. Sublimation was 
performed under the following conditions: 40 mg of DHB dissolved in isopropanol, 
sublimed for 4 minutes at 160 °C at a pressure of <4x10-5 bar. Samples that were 
coated in DHA followed slightly different conditions: 40 mg of DHA dissolved in 
acetone, sublimed for 4 minutes at 140 °C at a pressure of <4x10-5 bar. Samples 
were then recrystallized in a lab-made apparatus containing 1 mL of 0.5% ethanol 
in water, at 50 °C for 90 seconds. 

H&E staining was performed on kidney sections after MALDI imaging. 
Matrix coated tissue sections were cleaned of remaining MALDI matrix by 
immersion in 100% ethanol for 20 seconds. A standard H&E protocol was then 
used (95% EtOH, 70% EtOH, H2O for 30s each, hematoxylin for 3 minutes, H2O, 
70% EtOH, 95% EtOH each for 30s, eosin for 1 minute, 95% and 100% EtOH for 
30s each, xylene for 2 minutes). High resolution optical images of stained tissues 
were generated using a Mirax Desk scanner (3DHistech, Budapest, Hungary). 
Unfixed cryosections of human brain tissue were stained with 0.3% Oil Red O 
(ORO, Sigma) for 10 min to visualize neutral lipids (cholesterol esters). 
Counterstaining of cell nuclei was done using hematoxylin incubation. Analysis 
was carried out using a Leica DM 2000 LED microscope and ImageJ software. 

CD68 immunostaining and analysis was performed on fixed cryosections 
of human brain tissue using the antibody anti-CD68 (1:100, cat. #14-0688, 
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Invitrogen) and a species compatible Alexa647 secondary anti-body (Life 
Technologies, A21247) as described previously [306]. To label the myelinated 
areas, the immune-stained sections were subsequently incubated for 30 minutes at 
RT with 2µM Bodipy® 493/503 solution (ThermoFisher Scientific, D3922) diluted 
in PBS. Analysis was then carried out using a Nikon eclipse 80i microscope. 

MASS SPECTROMETRY INSTRUMENTATION 

All MSI experiments were performed on an Orbitrap Elite mass 
spectrometer (Thermo Fisher Scientific GmbH, Bremen, Germany) coupled to a 
reduced pressure ESI/MALDI ion source (Spectroglyph LLC, Kennewick, WA, 
USA). Further details on the ion source can be found in [307]. The 349 nm MALDI 
laser (Spectra Physics, Mountain View, CA, USA) was operated at a repetition rate 
of 100 Hz and pulse energy of ~1.0 µJ. The laser was focused to a spot size of 
~15x12 um as determined by the size of ablation craters in a matrix layer (Figure 
4.1). Laser post-ionization (MALDI-2) was performed as previously described for 
the same experimental setup [214]. Briefly post-ionization was achieved using a 
wavelength tunable optical parametric oscillator laser system (Ekspla NT-230, 
Vilnius, Lithuania). The MALDI-2 laser was operated at 260 nm with a post-
attenuation pulse energy of 500 µJ. Using adjustable mirrors, the beam was guided 
to be parallel with and ~250-400 µm above the sample surface where it intersected 
the desorbed plume generated by the MALDI laser pulse. OPO laser emission was 
synchronized with the MALDI laser using a digital pulse/delay generator (DG645, 
Stanford Research Systems, Sunnyvale, USA). Emission from the OPO laser 
occurred 20 µs after each MALDI laser pulse. The mass spectrometer was operated 
in positive-ion mode using an ion injection time of 250 ms, automatic gain control 
(AGC) turned off and a mass range of 350-2000.  
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Figure 4.1 Optical image of ablation craters generated by the MALDI laser on a DHB-coated slide. MALDI laser 
spot size is ~11 µm ×15 µm. Laser was operated at 1.1 µJ and a repetition rate of 100 Hz. Stage step size was 20 
µm. 

DATA ACQUISITION 

Line scans of rat liver: Rat liver tissue was used for comparison of MALDI 
and MALDI-2 data generated at different step sizes. Three sets of alternate MALDI 
and MALDI-2 line scans were acquired in a single experiment (i.e., a line of 
MALDI data followed by a line of MALDI-2 data) and performed at 20, 15, 10, 8, 
6, and 4 µm step sizes for both DHB and DHA-coated tissues. As the first row in 
each acquisition does not result in oversampling in the vertical direction, one extra 
row was acquired at the start of each acquisition but not used for data analysis. This 
ensured each line scan was acquired under representative oversampling conditions. 
Line scans were performed using a mass resolution setting of setting of 240,000 
(FWHM @ m/z 400) giving a total scan time of 1.06 s/scan. 

Imaging of mouse kidney and human brain tissue:  Human brain tissue 
containing active multiple sclerosis lesions and mouse kidney tissues were coated 
in DHB matrix and analyzed using MALDI-2-MSI at a step size of 6 µm and a 
mass resolution of 120,000 (FWHM @ m/z 400), giving a total scan time of 0.67 
s/scan. As with the line scans, the first row of each dataset was removed so that all 
rows were acquired under the same oversampling conditions. To support the 
identifications of several unexpected compounds ion trap MS/MS spectra were 
acquired from one human brain and one kidney tissue section using the DDA-
imaging method [308]. 

DATA ANALYSIS AND LIPID IDENTIFICATION 
All data image visualization and data analysis were performed using 

LipostarMSI (Molecular Horizon Srl, Bettona, Italy). Prior to import all proprietary 
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Thermo Fisher .raw data was converted into imzML [309]. This was done by first 
converting raw data into mzML using msconvert (ProteoWizard) [268]. Using the 
in-built converter of LipostarMSI the mzML file was then combined with the 
positioning file created by the MALDI/ESI Injector to generate a profile mode 
imzML file. Lipid identification within LipostarMSI was performed with reference 
to the LIPIDMAPS database (.sdf format) [310] and was based on accurate m/z 
matching using a tolerance of ±2 ppm. All lipid identifications are therefore 
reported to the sum-composition level. Phospholipids, sphingolipids, and sterols 
were considered for identification. Note that in the case of sterols many isomeric 
species are possible, and we thus group all m/z matches to a general “sterol” group, 
while for ether phospholipids, identifications containing isomeric acyl and alkenyl 
linkages were grouped into a general ether sub-group (e.g., PE-O and PC-O). In the 
case of MALDI analysis of liver tissue, potassiated species dominated the spectra, 
while MALDI-2 spectra were dominated by protonated species, consistent with 
prior observations comparing MALDI and MALDI-2 [144, 214]. Therefore, to 
avoid the occurrence of the same lipid being detected as multiple adducts and 
counting as multiple identifications, only [M+K]+ ions of phospholipids and 
sphingolipids were considered for MALDI data, and only [M+H]+ ions considered 
for MALDI-2 data. Sterols were searched for as [M+H-H2O]+ ions for both MALDI 
and MALDI-2, apart from cholesterol esters (CE) for the analysis of human brain 
tissue (see below). Several sub-classes unlikely to be observed in positive-ion mode 
data (e.g., sulfatides and cardiolipins) were removed from the search list and only 
identifications corresponding to even-numbers acyl/ether chains were considered 
to limit false positives. Further sample-specific parameters are provided below.  

Line scans of rat liver. Each line scan was converted to imzML file 
consisting of 75 pixels (spectra) using a dummy .xml position file. This resulted in 
3 MALDI and 3 MALDI-2 datasets per step size and matrix type. While no lower 
limit was set for peak intensity for peak picking during data import, the minimum 
peak frequency was set to 50% (meaning that peaks had to appear in at least half of 
the pixels in any given line) with a tolerance for peak alignment of 3 ppm. In this 
way only reproducible signals were considered, and very low abundance peaks 
close to the detection limit and/or corresponding to random electronic noise were 
discarded. All scans were recalibrated using up to 3 peaks, [Cholesterol-H2O+H]+, 
[PE(38:4)+H]+, and [PC(34:2)+K]+, during data import. The final ID list was then 
manually curated, and several seemingly spurious identifications removed. Single-
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scan noise values were taken from Xcalibur Qual Browser 2.3 (Thermo Fisher 
Scientific GmbH, Bremen, Germany). 

Imaging of mouse kidney and human brain tissue:  Import of imzML files 
to LipostarMSI for the kidney and brain samples was performed using the following 
parameters: intensity threshold of 1% of base peak; peak alignment tolerance of 3 
ppm; peak detection frequency of 2%; and a minimum spatial chaos value of 0.7 
(with a value of 1 corresponding to high image structure and a value of 0 to a 
random (structureless) spatial distribution). Identification followed an identical 
process outlined above, apart from [M+K]+ ions of CEs also being considered in 
the brain data. These were added following manual interrogation of the raw data 
and the observation of several localized and abundant potassiated CE signals. In 
addition to manual curation of identified lipid species as outlined for liver line scans 
above, we also only kept identifications that displayed tissue-specific distributions. 
Several antioxidant species observed as radical cations from kidney tissue were 
manually annotated but not counted in the final identification lists as these 
identifications were not automated (LipostarMSI does not yet support radical 
cations as a search class). 

MSI data was visualized following total ion current normalization and 
applying hotspot removal (high quantile 99%).  

SCANNING ELECTRON MICROSCOPY 

Scanning electron microscopy images of matrix-coated kidney tissue after 
DHB sublimation and recrystallization were acquired using a Philips XL30 
microscope.  

RESULTS AND DISCUSSION 
LIPID COVERAGE WITH OVERSAMPLING COUPLED WITH MALDI-2 FROM 

LIVER TISSUE 
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Figure 4.2. Total ion current recorded between m/z 350-2000 for (a) MALDI-2 and (b) MALDI analysis rat liver 
tissue at different stage step (pixel) sizes. Error bars represent the ± 1 standard deviation of all scans (> 150 
individual scans) acquired at a given step size. 

Data for both MALDI and MALDI-2 spectra were generated using stage 
step sizes of 20 µm (no oversampling) and 6 µm (significant oversampling) from 
line scans of liver tissue to compare the number and types of lipid species detected. 
The spot size of the MALDI laser on the tissue was ~15 µm × 11 µm (Figure 4.1). 
As expected, at smaller step sizes the total-ion current and overall signal-to-noise 
(S/N) decreases for both MALDI and MALDI-2 data (Figure 4.2). When using a 4 
µm step size lipid signals were low and unstable, thus 4 µm data was not explored 
further.  
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Figure 4.3 MALDI (top, red trace) and MALDI-2 (bottom, blue trace) spectra acquired from rat liver tissue coated 
in DHB matrix using stage step sizes of (a) 20 µm (no oversampling) and (b) 6 µm (with oversampling). Each 
spectrum is the average of 10 consecutive scans. (c) The number of detected lipid species across different lipid 
classes observed using MALDI and MALDI-2 using 20, 10 and 6 µm line scans across liver tissue. Peaks used for 
identification had a detection frequency ≥ 50% across the line scans consisting of 75 pixels (equivalent to being 
detected in half or more individual scans). [M+K]+ ions were considered for MALDI identification and [M+H]+ 
ions considered for MALDI-2 identifications, with the exception for sterols which were identified in both cases as 
[M+H-H2O]+ ions. Error bars represent ± 1 standard deviation across three replicate line scans. b.p. = base peak. 

Figure 4.3a shows representative MALDI spectra from rat liver tissue 
coated with DHB matrix using a step size of 20 µm (10 consecutive scans averaged 
with single scan S/N values indicated, m/z 600-1000 shown). Full mass range 
spectra can be found in the Figure 4.4 and Figure 4.5. As typically observed, 
MALDI spectra are dominated by phosphatidylcholine (PC) and sphingomyelin 
(SM) lipids, with their potassiated adducts being most abundant. By contrast, 
MALDI-2 spectra generated under analogous conditions (Figure 4.3a, bottom) 
resulted in both a ca, 200-fold increase in base peak intensity and dramatic 
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increases in signal for a variety of lipid species, while lipid-related signals also 
became dominated by [M+H]+ ions, consistent with prior observations [144, 214].  

 

Figure 4.4. MALDI (top, red trace) and MALDI-2 (bottom, blue trace) spectra acquired from rat liver tissue using 
DHB matrix and a 20 µm stage step across the full m/z 350-2000 spectral range. Spectra represent the average of 
10 consecutive scans. 

The benefit of MALDI-2 is observed to hold even under oversampling 
conditions. Figure 4.3b (top) shows representative MALDI spectra acquired using 
a 6 µm step size that results in significant oversampling. While the overall spectrum 
resembles that shown in the top panel of Figure 4.3a, the signal intensity is reduced 
by 10-fold with many peaks no longer being detected. However, data acquired 
using a 6 µm step size and MALDI-2 still produces high S/N spectra with base peak 
intensity ~3-fold higher than those generated by conventional MALDI at 20 µm 
(Figure 4.3b, bottom). Using a 6 µm step size, the S/N of the base peak 
corresponding to the phosphatidylethanolamine (PE), [PE(36:4)+H]+, is 136 using 
MALDI-2, whereas using the same step size the corresponding lipid detected with 
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conventional MALDI, observed as the [M+K]+ ion, has a single scan S/N of <1. 
For the abundant PC(34:2) lipid the signal intensity for the protonated species 
acquired at 6 µm step size was comparable to that measured for the abundant 
potassiated species with MALDI at 20 µm step size. It is noteworthy for these data 
acquired at 6 µm step size individual spectra are taken from a tissue area equivalent 
to or smaller than the size of a typical mammalian cell (10-100 µm), thereby 
providing data that is reflective of cellular-level lipid compositions within the tissue. 
Although we acknowledge that for smaller cells there is a reasonable probability of 
collecting ion signal from two adjacent cells in a single pixel. 

 

Figure 4.5. MALDI (top, red trace) and MALDI-2 (bottom, blue trace) spectra acquired from rat liver tissue using 
DHB matrix and a 6 µm stage step across the full m/z 350-2000 spectral range. Spectra represent the average of 
10 consecutive scans. 

MALDI-2 oversampling was also evaluated using 2,5 DHA matrix (Figure 
4.6). Using a 20 µm step size MALDI and MALDI-2 spectra were similar to those 
obtained using DHB. Interestingly though, with an increasing extent of 
oversampling many of the MALDI-2-specific signals observed with DHB yielded 
lower relative intensities using DHA. For example, at 6 µm step sizes using 
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MALDI-2 protonated PC signals yielded the highest signal intensities (rather than 
PE lipids) while a relative increase in the abundance of potassiated PC lipids 
compared to their protonated forms was also observed. In contrast, the overall 
spectral profile at different step sizes remained relatively consistent using DHB 
(Figure 4.3a and b). The origin of this effect is unclear but appears to suggest a shift 
of DHA ionization properties under oversampling conditions when using MALDI-
2. We speculate this effect is related to: (i) the higher volatility of DHA, resulting 
in a larger desorption area upon irradiation by the MALDI-laser. Upon 
oversampling this could result in matrix further from the center of the laser spot 
being desorbed leading to a plume of lower density in which MALDI-2 can occur 
and/or (ii) possible differences in matrix morphology and diffusion rates of lipids 
from the tissue with lipids closer to the surface being more selectively desorbed by 
the edge of the laser beam.  Different diffusion rates of lipids have recently been 
reported in sublimed matrix coatings using secondary ion mass spectrometry [311]. 
Thorough investigation of this effect lies outside the scope of this work but provide 
an exciting avenue to pursue that could provide insight into the MALDI-2 
mechanism.  

 

Figure 4.6. MALDI (top, red trace) and MALDI-2 (bottom, blue trace) spectra acquired from rat liver tissue using 
DHA matrix at stage step sizes of 20 µm (left), 10 µm (middle) and 6 µm (right). Spectra represent the average of 
10 consecutive scans. The corresponding base peak (b.p.) intensity and single scan noise values are indicated. 

We next evaluated the breadth of lipid coverage that can be obtained in 
such high spatial resolution MSI experiments using DHB. Peaks used for 
automated identification were defined during data import as having a peak 
detection frequency ≥50% (equivalent to being detected in half or more 
scans/pixels within a 3 ppm tolerance) across each 75 pixel line scan. Figure 4.3c 
shows the number of lipid species detected within 2 ppm of their theoretical m/z for 
both MALDI and MALDI-2 at step sizes of 20 µm (no oversampling), 10 µm 
(moderate oversampling) and 6 µm (significant oversampling). The full list of 
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tentatively identified species and their abundances is provided in Electronic 
Supplementary Material Table S1 (not reproduced here). Conventional MALDI 
detected primarily PC lipids along with several abundant SM and PE lipids as 
[M+K]+ ions. In total 24, 19 and 11 unique sum-composition lipid species were 
detected with MALDI at step sizes of 20, 10 and 6 µm, respectively. Dramatically 
more lipid species were detected using MALDI-2, with 149, 117 and 66 lipid 
species being detected as [M+H]+ ions ([M+H-H2O]+ for sterols) at 20, 10 and 6 
µm step sizes, respectively. While PE and PE-O species were among the biggest 
beneficiaries of MALDI-2, it also enabled the detection of a diverse array of lipid 
classes not observed with conventional MALDI. For example, MALDI-2 could 
detect both phosphatidylinositol (PI) and phosphatidylserine (PS) lipid species as 
[M+H]+ ions. These lipids are often only observable in negative-ion mode MALDI 
analysis thereby demonstrating the added lipid coverage offered by MALDI-2. 
Supporting these observations is the fact that the most intense protonated species 
observed for each, PI(38:4) and PS(36:1), have been shown to be the two most 
abundant species of each class using LC-MS/MS [312]. Despite the expected drop 
in the number of detected lipids with decreasing pixel size, the above data 
demonstrates that rich lipid MSI data covering many different lipid species can be 
generated from pixel sizes as low as 6 µm, with a ~3-fold increase in the number 
of detected lipid species compared to conventional MALDI using a 20 µm pixel 
size. 
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Figure 4.7. Scanning electron microscopy images of mouse kidney tissue coated with DHB matrix. DHB matrix 
was applied using sublimation and then recrystallized as described in the methods section. 

HIGH SPATIAL RESOLUTION IMAGING OF LIPIDS IN KIDNEY TISSUE 

Mouse kidney tissue was used to evaluate the high-resolution imaging 
capabilities of MALDI-2 oversampling. A ~4 mm2 area of DHB-coated tissue 
section was analyzed using a 6 µm step resulting in an image consisting of 108,558 
pixels. Using scanning electron microscopy, the DHB crystal sizes were found to 
be significantly smaller than 6 µm (Figure 4.7). The average spectrum is shown in 
Figure 4.8a and demonstrates the detection of a variety of lipid species across the 
m/z 350-2000 mass range. Using the described approach for automated lipid 
identification (see Methods) 74 unique sum-composition lipid species were 
identified as [M+H]+ ions ([M+H-H2O]+ ions for sterols) from this dataset. The 
distribution of these identifications across the different lipid sub-classes is shown 
in Figure 4.8b. As observed for the liver data above PC, PE and PE-O lipids 
constituted the majority of detected lipid species and in total 12 different lipid sub-
classes could be identified and imaged. The full list of identified lipids is provided 
in the original publication. 
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Figure 4.8 (a) Average spectrum acquired from mouse kidney tissue using MALDI-2 and a pixel size of 6 µm 
between m/z 350-1000. (b) Number of automatically identified lipid species from mouse kidney tissue. Lipids 
were identified as [M+H]+ ions ([M+H-H2O]+ for sterols) using an m/z tolerance of 2 ppm. 

Figure 4.9 shows an optical image of the post-MSI hematoxylin and eosin 
(H&E) stained tissue section (Figure 4.9a) and an overlay of three identified lipid 
species (Figure 4.9b, [PC(38:6)+H]+ (green), [PE(O-40:8)+H]+ (blue) and [PE(O-
36:5)+H]+ (pink)). Using the distributions of these three ion signals a number of 
different tissue regions can be localized at the cellular level. [PE(O-36:5)+H]+ is 
localized to the inner medulla, inner stripe, glomeruli and the interstitium regions 
of the kidney. Both [PE(O-40:8)+H]+ and [PC(38:6)+H]+ are specific to the kidney 
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tubuli, with [PC(O-40:8+H]+ being more abundant in tubuli contained within the 
outer stripe of the medulla and [PC(38:6)+H]+ being more abundant in tubuli 
contained within the cortex. The high specificity for these lipid signals for 
histologically different tissue regions can be seen in the zoomed MSI and H&E data 
shown in Figure 4.9 c-f. The outlined area of Figure 4.9d (white dotted line) 
highlights tubuli-specific lipid signals corresponding to the tubular regions outlined 
in the H&E-stained tissue with excellent spatial specificity (Figure 4.9f). This 
strong agreement between the MSI and histological data confirms the high spatial 
resolution enabled by both the oversampling method and that the employed sample 
preparation using sublimation minimizes analyte delocalization. Combined, this 
data demonstrates the ability to achieve pixel sizes on the scale of cellular-level 
features within tissues while still being able to detect and identify numerous lipid 
species. 
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Figure 4.9 (a) Optical image of the post-MSI H&E-stained tissue section. (b) Ion distributions images of 
[PC(38:6)+H]+ (green), [PE(O-40:8)]+, (blue) and [PE(O-36:5)+H]+ (pink) throughout mouse kidney tissue 
acquired using MALDI-2 and a pixel size of 6 µm. (c, d) Selected enlarged regions of the MSI data. The 
corresponding H&E images of these enlarged regions are shown in (e, f). All MSI data is visualized using total 
ion current normalization and hotspot removal (99% quantile). 
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Figure 4.10 Ion distribution images of m/z 794.6211 ([Coenzyme Q9]+•, blue) and m/z 430.3808 ([Vitamin E]+•, 
red) throughout mouse kidney tissue. The corresponding MALDI-2 mass spectrum showing the detection of both 
the oxidized and reduced forms of coenzyme Q9 and coenzyme q10 is shown below. 

In addition to the [M+H]+ and [M+H-H2O]+ ions automatically annotated 
we also observed a variety of radical cations corresponding to different lipid-
soluble antioxidants within the mouse kidney tissue. These species are generated 
by direct absorption of the 260 nm MALDI-2 laser light via a [1+1] resonance 
enhanced multiphoton ionization (REMPI) process. In particular, we observed the 
radical cation of Vitamin E at m/z 430.3808 which exhibited elevated signal within 
the inner medulla (Figure 4.10, red). We also observed both the oxidized and 
reduced forms of coenzyme Q9 (m/z 792.6059 and m/z 794.6211) and coenzyme 
Q10 (m/z 860.6689 and m/z 862.6848) as shown in the Figure 4.10 spectrum. These 
constituted abundant signals with the reduced coenzyme Q9 corresponding to the 
base peak in the spectrum when using a 6 µm step size (Figure 4.8a). MS/MS 
spectra supporting the identification of these radical species are provided in Figure 
4.11 and Figure 4.12. The high signals for these species can possibly be explained 
a higher efficiency REMPI process that is decoupled from the MALDI-based 
ionization processes. All four of these ion signals exhibited similar distributions 
and were observed throughout most of the tissue with the distribution of the reduced 
form of coenzyme Q9 shown in blue in Figure 4.10. While the protonated forms of 
oxidized and reduced coenzyme Q9 and Q10 have been detected using MALDI-
MSI from brain tissue [313], to our knowledge this is the first report of their 
detection in renal tissue with MSI. 
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Figure 4.11. Ion trap MS/MS spectrum of m/z 430.4±0.5 acquired from mouse kidney tissues using MALDI-2. 
The MS/MS spectrum confirms the identity of the precursor ion at 430.3808 as the radical cation of Vitamin E. 
Fragments at m/z 146.0, 164.1 and 205.0 are consistent with those observed in the electron ionization spectrum of 
the same precursor ion. 

 

Figure 4.12. Ion trap MS/MS spectrum of (a) m/z 794.5±0.5, (b) m/z 796.5±0.5, (c) m/z 860.7±0.5 and (d) m/z 
862.7±0.5. The MS/MS spectra supports the identification of the precursor ions observed at m/z 792.6059, m/z 
796.6211, m/z 860.6689 and m/z 862.6848 in Figure 4 as oxidized coenzyme Q9, coenzyme Q9, oxidized 
coenzyme Q10 and coenzyme Q10, respectively. The detection of a common radical fragment ion is consistent 
with that reported in the literature [314]. 
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LIPID IMAGING OF HUMAN BRAIN TISSUE CONTAINING ACTIVE MULTIPLE 

SCLEROSIS LESIONS 

Finally, the lipid imaging capabilities of MALDI-2 coupled with 
oversampling was evaluated using active human multiple sclerosis tissue where the 
high spatial resolution enabled specific lipid accumulations to be visualized within 
the tissue lesions. During multiple sclerosis, an autoimmune response is directed 
against the lipid rich myelin sheath surrounding axons. Myelin is broken down and 
cleared by phagocytes which causes failure of axonal conduction and, depending 
on the affected region, disease symptoms such as impaired muscle control, balance, 
vision, and speech. Myelin processing within the phagocytes leads to the release of 
lipid mediators that direct the function of the phagocytes and thereby lesion 
progression and resolution [315-317]. More generally, lipids have been identified 
to play important roles in multiple sclerosis [318-321], but the precise processes 
and mechanism by which this occurs, along with the specific functions of individual 
lipid molecules, remains unknown. 

Within the imaging dataset acquired from a ~4.1 mm2 area of tissue and 
consisting of 114,263 pixels 147 unique sum-composition lipid species were 
identified (see Methods for identification details). Each of these lipid species 
revealed tissue-specific distributions throughout the brain tissue. The mean 
spectrum from this dataset is provided in Figure 4.13a while the distribution of the 
lipids across the different classes is shown in Figure 4.13b. Again, PC and PE lipids 
contribute the largest fraction of identified species. Other species with significant 
contributions to the identified list were sterols, PS and hexosylceramides (HexCer) 
species. The detection of a number of glycosphingolipids is consistent with their 
known high abundance and diversity in brain tissue [322]. The full list of identified 
species is provided in Electronic Supplementary Material Table S3 (not reproduced 
in this work). 
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Figure 4.13 (a) Average spectrum acquired from human multiple sclerosis brain tissue using MALDI-2 and a pixel 
size of 6 µm between m/z 350-2000. (b) Number of automatically identified lipid species from human multiple 
sclerosis brain tissue. Lipids were identified as [M+H]+ ions ([M+H-H2O]+ for sterols and [M+K]+ for cholesterol 
esters) using an m/z tolerance of 2 ppm. 

MSI of the human brain tissue using a 6 µm pixel size yielded both high 
contrast and spatially specific signals for many lipid species, thereby allowing 
visualization of fine structural features only 10-20 µm in size. Histopathological 
analysis was performed on a multiple sclerosis lesion acquired from the same 
patient revealing this lesion to contain abundant macrophages and microglia (CD68 



97 
 

staining, Figure 4.14a). These macrophages show a foamy appearance and are filled 
with esterified cholesterol and other neutral lipids as demonstrated with a Bodipy 
(Figure 4.14a) and Oil-red O staining (ORO, Figure 4.14b) staining. The high single 
pixel spectral quality and rich lipid signals achieved from only 6 µm pixels is 
demonstrated in Figures 6e-g that show the corresponding spectra obtained from 
the individual pixels indicated by the white arrows in Figure 4.14c. The overlaid 
distributions of three lipid ions, [Chol+H-H2O]+ (pink), [HexCer(d36:2)+H]+ (blue) 
and the cholesterol ester (CE) [CE(16:0)+K]+ (green), is shown in Figure 4.14c and 
clearly correlate with distinct tissue regions. Two enlarged regions of the MSI data 
are shown in Figure 4.14d and e to further highlight these specific distributions.  
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Figure 4.14 (a) CD68 (macrophages, purple) and Bodipy (myelin/neutral lipids, green) immunostaining  and (b) 
Oil Red O staining of human brain tissues slices acquired from the same patient used to collect the MSI data shown 
in (c-e) with several tissue regions indicated. (c) Ion distributions images of m/z 689.5636 ([CE(18:1)+K]+, green), 
m/z 726.5882 ([HexCer(d36:2)+H]+, blue) and m/z 369.3517 ([Chol+H-H2O]+, pink) acquired using MALDI-2 and 
a pixel size of 6 µm from human multiple sclerosis brain tissue. (d, e) Selected enlarged regions of the MSI data 
shown in (c). (f-i) Single pixel spectra acquired from the regions indicated by the white arrows in (c). All MSI data 
is visualized using the total ion current normalization and hotspot removal (99% quantile). NAWM = normal 
appearing white matter. 
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Analogous distributions were also observed in brain tissue acquired from a 

second multiple sclerosis patient (Figure 4.15). Signal for [HexCer(d36:2)]+ was 
localized to the myelin surrounding the multiple sclerosis lesion and was virtually 
absent within the lesion. Signal for the CE species, [CE(18:1)+K]+ is localized in 
areas only 10-20 µm wide and corresponded to the lipid accumulations within the 
phagocytes as shown in the ORO staining (Figure 4.14a, b).   

 

Figure 4.15. MALDI-2 MSI data of human brain tissue contacting active multiple sclerosis lesions that was 
obtained from a different patient compared to that shown in Figure 6. Data was acquired using a 6 µm step size 
and shows the distribution of m/z 689.5636 ([CE(18:1)+K]+, green), m/z 726.5682 ([HexCer(d36:2)+H]+, blue) 
and [Chol+H-H2O]+, pink). Scale bar is 200 µm. 

A similar distribution is also observed for the potassium adduct of 
CE(16:0) (Figure 4.16).  Interestingly signal for [Chol+H-H2O]+, likely 
representing both free cholesterol and in-source fragmentation of CEs, localized to 
a wider region adjacent to the centers of the phagocyte lipid accumulations. Also, 
abundant higher m/z signals observed at m/z 1302.2069 and m/z 1276.1906 assigned 
based on accurate mass to the protonated CE dimer species ([2CE(18:1)+H]+ (-0.3 
ppm error) and [CE(18:1)+CE(16:0)+H]+ (-1.0 ppm error) yielded similar 
distributions as observed for [Chol+H-H2O]+ (Figure 4.16b and c). Evidence for 
the formation of [2M+H]+ ions of CE was obtained upon analyzing a CE(18:0) 
standard using MALDI-2 that yielded an analogous [2CE(18:0)+H]+ dimer (Figure 
4.17). Despite the CE-related signals in the regions around the phagocytes there is 
little signal in the ORO staining within these regions. ORO staining widely thought 
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to be specific for neutral lipid droplets (e.g., those containing CE and 
triacylglyceride lipids) and does not strongly stain other cellular/tissue regions 
outside these regions that contain other lipid species. We therefore speculate that 
the lack of ORO staining in the regions adjacent to the phagocytes is caused by the 
presence of other lipid species. For example, two PC-O species, ([PC(O-40:7)+H]+ 
and [PC(O-40:6)+H]+ also found specifically in the regions adjacent to the 
phagocytes (Figure 4.16).  

We also note that the mechanism leading to alkali adducted CE species 
being observed in the phagocytes and protonated-related signals surrounding these 
regions is unknown. These results suggest specific functions of both free 
cholesterol and CEs in multiple sclerosis, and in particular phagocyte metabolism. 
Accumulation of cholesterol in macrophages activates the nuclear liver-X-
receptors that modulate cellular lipid metabolism and the production of 
inflammatory mediators [316]. Interestingly, aging was shown to promote 
cholesterol accumulation in phagocytes which stimulates the inflammatory activity 
of these immune cells and impairs their reparative properties [323, 324]. More 
generally, the localization of certain lipid species to phagocytes within the brain 
tissue confirms the high, cellular-level, spatial resolution that can be achieved with 
this method, while still obtaining rich lipid spectra. This broad lipid coverage and 
high spatial resolution enabled MALDI-2 coupled with oversampling can provide 
a new tool to study in depth the lipid-specific alterations of different cell 
populations within multiple sclerosis progression as well as other 
neurodegenerative diseases. 
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Figure 4.16. MALDI-2-MSI ion distribution images acquired from human multiple sclerosis brain tissue using a 
6 µm pixel size. (a) m/z 663.5484 ([CE(16:0)+K]+, (b) m/z 1302.2069 ([2CE(18:1)+H]+, (c) m/z 1276.1906 
([CE(18:1)+CE(16:0)+H]+, (d) m/z 820.6214 ([PC(O-40:6)+H]+ and (e) m/z 818.6058 ([PC(O-40:7)+H]+. All 
images are visualized using total ion current normalization and hotspot removal 99% quantile). 
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Figure 4.17. MALDI-2 spectrum of a CE(18:0) standard demonstrating the formation of abundant  [2M+H]+ ions 
(m/z 1306.23686) as well as other CE(18:0)-related ions. A 1 µL aliquot of a 2 mM CE(18:0) standard was spotted 
onto an ITO slide. Once dried the ITO slide was sublimed with DHB and recrystallized using identical parameters 
as sued to prepare the human brain tissue. 

CONCLUSIONS 
In this work we have demonstrated that MALDI-2 combined with an 

oversampling acquisition approach is capable of both generating rich lipid spectra 
from tissue and imaging lipids at pixel sizes as low as 6 µm, without modifications 
to the optics or stage of the commercially available ion source. MALDI-2 data 
generated from 6 µm pixels was capable of detecting three times more lipid species 
than conventional MALDI acquired without oversampling at 20 µm pixel size. 
From kidney and brain tissue imaging experiments we could identify 74 and 147 
unique lipid species, in addition to visualizing their spatial distributions within the 
tissue. Importantly lipid spectra obtained from individual pixels represent an area 
equivalent to or less than the size of a typical mammalian cell. This is an important 
capability that will greatly enhance the ability to interpret lipid MSI data in terms 
of cellular-level lipid metabolism occurring within biological tissues, while 
preserving the context of the cell within the tissue microenvironment. For example, 
data acquired from mouse kidney clearly enables the localization of lipid signals to 
individual tubuli, while data from human multiple sclerosis tissue enables lipid 
accumulations within lesion-specific macrophages to be visualized. The 
combination of information rich spectra and cellular-level spatial resolutions 
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provides a powerful approach to study spatial and cell-type specific alterations in 
lipid metabolism within many different disease types. 

From a technology standpoint, this work provides the most comprehensive 
overview of the lipid detection capabilities of MALDI-2 reported to-date, 
demonstrating the detection of many more lipid classes than possible with positive-
ion mode MALDI. Moreover, the coupling of this approach with a new automated 
lipid identification workflow utilizing accurate m/z measurements enables the rich 
lipidomics information acquired in such experiments to be readily exploited. 
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ABSTRACT 
Lipids are a diverse group of biomolecules involved in various biological 

processes, of which its functionality is highly dependent on the molecular structure. 
However, while basic MS methods can identify sum compositions, other levels of 
specificity to identify lipids uniquely, such as the double bond (db) location and the 
sn-position, are left unidentified. In this study, ozone-induced dissociation (OzID) 
was integrated with a MALDI-Q-TOF mass spectrometer to exploit the gas-phase 
reaction between mass-selected lipid ions and ozone vapor. With gas pressures 
several orders of magnitude higher than can be achieved in a linear ion trap, a 1,000-
fold enhancement in reaction rates were achieved. Because of the higher sensitivity 
and faster reaction speed with this method, OzID imaging data were obtained at a 
50-fold improvement in acquisition rate compared to before with the ion trap, 
allowing increasing the analytical detail by using a higher spatial resolution or 
acquiring bigger tissue areas, or increasing the throughput. Aside from regular 
OzID to determine the db position, also CID/OzID experiments to determine the 
sn-position were performed. As the instrument was limited to MS2 experiments, 
only the intact lipid could be isolated. This led to both OzID and CID/OzID 
fragments to be present in the spectrum. The CID/OzID fragments showed to even 
further oxidize and form CID/OzID2 fragments, which were specific for the db 
position at the sn-1 fatty acid. Hence, our method demonstrated to overcome several 
limitations of lipid structure characterization and could be valuable to gain 
localized isomeric information. 

INTRODUCTION 
Lipids are the primary constituents of cell membranes[41] and are key 

molecular players in many biochemical functions including energy storage[325, 
326], signal transduction[327, 328], and apoptosis[329, 330], as well as cancer 
metabolism[22, 331, 332]. Crucially, the precise function and biological 
implication(s) of a particular lipid is highly dependent on its chemical structure. 
For example, subtle alterations in acyl chain and/or double bond (db) positions can 
influence the physical chemical properties of lipid membranes[333] and lipid-
protein interactions can be specific for a certain isomeric structure[334]. Further 
highlighting the importance of lipid structure in understanding function is the 
precise regulation of lipid synthesis, even at the isomer level in different tissues[335, 
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336]  and the observed alteration of isomer populations in cancer metabolism[22, 
337-339] and diabetes[340-344]. 

Elucidating the composition of tissue and cellular lipidomes has, over the 
past 2 decades, been spearheaded by continually advancing mass spectrometry 
(MS) technologies and methodologies[345-347].  The workhorse of modern 
lipidomics is the analysis of biological lipid extracts via electrospray ionization 
(ESI) using either shotgun[58, 347-349] or chromatographic[350-354] approaches. 
When coupled with high mass resolving power and high mass accuracy such 
methods are capable of identifying many lipid species to the sum-composition 
level[355]. Oftentimes such methods are combined with conventional low energy 
collision induced dissociation (CID) that can provide additional structural 
information such as the length and degree of unsaturation of individual acyl chains 
(i.e., identification to the molecular lipid species level). However, despite the 
widespread and ever-growing popularity of these methods they are still far from 
being capable of resolving many isomeric lipids (e.g., fatty acyl stereonumber (sn-) 
position, carbon-carbon db (C=C) location, and db geometry on the acyl chains (i.e., 
cis or trans)) and providing total structural identification of lipids. Considering the 
possibility of more than 180,000 unique structures[40, 41], and the intimate link 
between lipid structure and function, the development of such capabilities represent 
a critical challenge lipidomics must address.  

Both methods can be enhanced with the use of MS/MS, with collision 
induced dissociation (CID) being the most common. CID can identify headgroup 
and acyl chain composition (i.e. if a lipid is phosphatidylcholine (PC), and further 
if PC 36:0 is 18:0_18:0 or 16:0_20:0), but identification of chain position on the 
glycerol backbone is difficult, though not impossible with multi-step fragmentation 
protocols[356]. Similarly, CID cannot distinguish double bond position or cis/trans 
isomers. Evolving research has emphasized the importance of isomeric changes in 
biological function[357-360], and changes to acyl chain length and sn-, along with 
db location, degree, and geometry alter cellular function[361-364].  

The realization of the need for more structural information and increasing 
isomeric resolution has led to a rapid growth in the development of ion activation 
methods capable of resolving lipid isomers, namely those varying in double bond 
and sn-position.  These include Ozone-Induced Dissociation (OzID)[365], 
Ultraviolet Photodissociation (UVPD)[161], epoxidation[163], and the Paterno-
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Buchi (PB) reaction[164]. These techniques individually can identify db locations, 
and either include, or can be combined with, CID to target sn- position, as well. 

Extraction based techniques are extraordinarily useful for the identification 
and quantification of lipids. However, typical experiments homogenize whole 
tissues prior to extraction, which may mask localized changes in lipid composition 
and metabolism occurring throughout heterogeneous tissues. Recent work by have 
shown the isomeric resolution possible by combining OzID[366], UVPD[367], 
PB[359, 368, 369], and epoxidation[370] with mass spectrometry imaging (MSI). 
In general, these techniques involve either the application of a reactive agent to the 
entire tissue section (PB and epoxidation), or isolation and reaction of a narrow, 
isolated m/z range (OzID and UVPD). For epoxidation, reactive agents like meta-
chloroperoxybenzoic acid have been used[371], as well as low temperature 
plasmas[372] and electrochemical stimulation[373]. Epoxidations reactions 
typically take less than a minute, with electrochemical stimulation happening 
effectively simultaneous with ionization, though conversion efficiency suffers with 
shorter reaction times (20% derivatization being common[164]). PB constitutes a 
wide variety of reactions that produce four-membered rings at C=C bonds, with 
some of the most popular being acetone[359], benzaldehyde[369], and 
benzophenone[368]. The advantage of PB is the relatively high reaction conversion 
efficiency (up to 40% having been reported in MSI systems[374]), with a slower 
reaction speed than epoxidation (on the order of several minutes[368, 369]). For 
complete lipid identification, both epoxidation and PB reactions are incomplete, as 
only db positions (irrespective of sn-position) are uniquely identified. 

Neither UVPD nor OzID require a derivatization step. UVPD in 
conjunction with MSI has revealed db positional isomers in multiple tissue types, 
including brain[359, 367], kidney[359, 367], pancreas[367], and lung[164]. 
Multiple diagnostic fragments of db positional isomers are produced through 
UVPD, though overall efficiency is low (less than 1% for db-specific 
fragments[375]). In an imaging modality, only fatty acids[375] and 
phosphatidylcholines[367] have been analyzed through UVPD, though the overall 
utility of the technique has been described on cardiolipins[376], other 
glycerophospholipids[161], and sphingolipids[219]. Additionally, CID/UVPD 
experiments can distinguish sn-isomers, though only db- or sn-isomers can be 
distinguished in a single experiment[161, 219, 367]. Comparatively, the OzID 
experiments follow two different reaction schemes that have to-date been 
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performed only on PCs in MSI applications: expose a trapped population of ions 
(approximately a ±1 m/z range) to ozone, which fragments the ions at the C=C 
(OzID), or CID of a mass-selected alkali adducted PC  first, resulting the loss of 
the phosphocholine headgroup and rearrangement leading to creation new C=C db 
that reacts with ozone to remove one acyl chain (CID/OzID) and allow assignment 
of sn-positioning of acyl chains. In the application of OzID to MALDI, a key 
limitation thus far has been the slow rate of reaction in the experimental setup, 
partly due to the vacuum requirements of the linear ion trap (around 10-5 millibar) 
and partly due to the helium-based design of the ion trap. Replacing He with O3 in 
O2 lowers trapping efficiency, so a high proportion of He must be maintained to 
maintain ion populations that requires dilution of generated ozone in helium. These 
combine such that reaction times of 10 seconds per pixel are required to produce 
diagnostic fragments with an abundance of 2.5% or less the abundance relative of 
the precursor ion, making experiments long for even relatively small tissue 
areas[366]. However, CID/OzID has been shown to be several orders of magnitude 
faster, allowing sn- isomer identification in as little as 250 ms, providing a 
timeframe that is more compatible with typical MSI experiments[366]. 

Recently, new approaches were developed to allow more complete lipid 
structure determination with MSI on biological tissues[377]. Traveling wave-based 
OzID-MS has shown to be a useful platform for unsaturated lipid isomer 
analysis[378, 379]. Poad et al.[379] showed a significant improvement in OzID 
efficiency by adding ozone in the high-pressure IMS cell (~3 mbar). With gas 
pressures several orders of magnitude higher than can be achieved in a linear ion 
trap, 1,000-fold enhancement in reaction rates are possible. This was originally 
demonstrated with LC-OzID-IMS-MS, separating cis/trans isomers through LC 
prior to OzID in the trapping region of the instrument before final IMS 
separation[380, 381]. The benefits of this to MSI experiments are manifold. Overall 
reaction speed increases through two factors: 1) there is no longer a need in this 
platform to dilute O3/O2, allowing for higher partial pressures of O3, and 2) pressure 
within the ion mobility cell is approximately 3 mbar, an increase of 5 orders of 
magnitude over the ion trap. This results in a high OzID reaction efficiency using 
(10-20%)[380] reaction time  that corresponds only to the typically transit times of 
ions through the ion mobility region where the zone is introduced (tens of 
milliseconds). There are several potential benefits of this approach for MSI studies: 
(i) the ability to operate the MS at its native acquisition rate meaning OzID 
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reactions do not adversely affect the acquisition time and thereby allowing imaging 
of either larger areas or similar areas from previous experiments in practical 
timeframes; (ii) smaller pixels (with less material ablated) are possible, due to the 
higher OzID efficiency; (iii) detection of low abundance isomers via the same 
process; and (iv) the ability to generate OzID and CID/OzID fragments 
simultaneously if ions are activated prior to entering the ion mobility region.  

In this work we report for the first time the coupling of MALDI-MSI on a 
Synapt G2-Si Q-TOF mass spectrometer with OzID for the high throughput 
differential imaging of isomeric lipids. The significantly elevated reaction rates 
provide an up to 1000-fold decrease in reaction time, resulting in a ~50-fold gain 
in acquisition speed for the MSI of double bond isomers. In addition, we 
demonstrate the ability to acquire CID/OzID2 data for the first time in an MSI 
experiment that provide the unique capability of assigning acyl chain double bond 
positions to individual sn-positions. This provides a key breakthrough towards the 
goal of studying the distributions of structurally defined lipids in tissues. 

METHODS 
MATERIALS 

2,5-Dihydroxyacetophenone (DHA, 97% purity), sodium acetate 
(anhydrous, >99%), and chloroform (≥99%) were purchased from Sigma Aldrich 
(Zwijndrecht, The Netherlands) and used without further purification. Methanol 
(ULC-MS grade), water (LC-MS grade), ethanol (LC-MS grade), and xylene (AR 
grade) were purchased from Biosolve (Valkenswaard, The Netherlands). 
Hematoxylin and Entellan® were purchased from Merck (Darmstadt, Germany) 
and eosin Y from J.T. Baker (Center Valley, USA). Indium tin oxide (ITO)-coated 
glass slides were purchased from Delta Technologies (Loveland, USA). Lipid 
standards (PC 18:0/18:1n-9 and PC 16:0/18:1n-9) were purchased from Avanti 
Polar Lipids (Alabaster, USA). 

BIOLOGICAL SAMPLES 

Rats, housed and cared for at the Central Animal Facility of Maastricht 
University according to local standards, were provided ad libitum access to water 
and regular chow. Healthy rat brain was obtained in accordance with protocols 
approved by the Animal Care and Use Committee (DEC number 2014-120). 
Horizontal sections measuring 10 μm thick were prepared using a cryo-microtome 
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(Leica, Nussloch, Germany) at -20°C, thaw-mounted on ITO-coated glass slides, 
and stored at -80°C until matrix application and MSI analysis. 

SAMPLE PREPARATION 

 
Figure 5.1. Comparison of positive ion MALDI mass spectrum with (top, green) and without (bottom, blue) the 
sodium acetate application (100 scans averaged). The Δ22 Da shows the lipids ionized as [M+H]+ ions (in blue) 
are more prevalent as [M+Na]+ ions (in green) with the sodium acetate sprayed before matrix application. For 
example, PC 32:0 [M+H]+ at m/z 734.6, [M+Na]+ at m/z 756.6; PC 34:1 [M+H]+ at m/z 760.6, [M+Na]+ at m/z 
782.6; and PC 36:1 [M+H]+ at m/z 788.6, [M+Na]+ at m/z 810.6.  

An automated TM-Sprayer (HTX Technologies, LLC, Chapel Hill, USA) 
was used for sodium acetate deposition. First, 15 layers of sodium acetate solution 
(4 mg/mL in 2:1 CHCl3:MeOH (v/v)) were deposited at 0.12 mL/min, 30 s drying 
time between layers, at 30 °C, preferentially forming sodiated ions (Figure 5.1). 

Lipid standards were prepared at 0.01 and 0.1 g/L concentrations in 2:1 
CHCl3:MeOH and sprayed on clean ITO slides for 1 to 10 layers following the 
same protocol as for sodium acetate deposition, creating concentrations from 0.33 
to 3.3 ng/mm2 (assuming equal dispersion). Samples were then treated equivalently 
to brain tissue sections. 

Hematoxylin and eosin (H&E) staining was performed after MALDI 
imaging. Matrix was removed from tissue by immersion in 70% ethanol for 3 min. 
A standard H&E protocol was then used. High-resolution optical images of stained 
tissues were generated using an Aperio CS2 digital pathology slide scanner (Leica 
Biosystems, Wetzlar, Germany). 
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IN-LINE OZONE GENERATION 

Ozone generation and delivery to the instrument are as described 
previously.[380] Ozone was produced using a high-concentration ozone generator 
(TG-40; Ozone Solutions, Hull, IA, USA) from UHP oxygen (5.0 grade, 20 psi @ 
0.4 slm; Linde Gas Therapeutics Benelux bv, Eindhoven, The Netherlands). Ozone 
production was optimized to ~275 g/Nm3 in O2 as measured by an in-line monitor 
(106-H; 2B Technologies, Boulder, USA). The generated ozone/oxygen mixture 
was connected via a needle valve (SS-SS8; Swagelok, USA) to the ion mobility 
cell gas inlet of the mass spectrometer and the flow adjusted to maintain a pressure 
of 2.9 mbar in the cell. Excess ozone was converted to oxygen using an unheated 
destruct catalyst (810-0008; In USA, Inc., Norwood, USA). Laboratory ambient 
ozone concentration was monitored (106-L; 2B Technologies, Boulder, USA) and 
interlocked to shut off the generator if the background ozone level rose above 75 
ppb. An instrument schematic is shown in Figure 5.2. 
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Figure 5.2 Schematic (top) and photograph (bottom) of the modified uMALDI-Synapt-G2-Si system. Ozone was 
generated by a high-concentration ozone generator and introduced into the TWIMS gas line. The ambient O3 
monitor is interlocked to shut down the ozone generator if the background level of ozone in the laboratory exceeds 
75 ppb. 

INSTRUMENTATION 

Tissue sections were analyzed using a prototype μMALDI source mounted 
to a Waters SYNAPT HDMS G2-Si system (Waters Corporation, Manchester, UK), 
as previously described by Barré et al.[382] Samples were analyzed in continuous 
raster mode using Waters Research Enabled Software (WRENS) to operate at 5 
pixels/s, laser repetition rate of 1500 Hz, pixel size set to 50 µm, MS/MS isolation 
window set to ±1.5 m/z, and detection set to sensitivity mode (mass resolution: 
~15,000). The laser spot size was approximately 15 × 15 µm. Operation of the T-
Wave was optimized to generate the highest intensity of selected diagnostic 
fragments without depleting the precursor signal (wave velocity 1200 m/s and wave 
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height 38 V). Various traveling wave height and wave velocity settings were tested 
(Figure 5.3) to find optimal parameters for the OzID reaction in the IMS cell. 

 

Figure 5.3. Optimization of IMS parameters for the OzID fragments of [PC 36:1+Na]+ to find the optimum settings 
for the OzID fragments. The wave height was tested from 6 to 40 V in 2 V increments, and the wave velocity was 
tested from 500 - 2000 m/s in 100 m/s increments. (A) Surface plot of the abundance of the n-9 aldehyde product 
ion (m/z 700.4) arising from OzID of [PC 36:1+Na]+. (B) Surface plot of the [PC 36:1+Na]+ n-9 Criegee product 
ion (m/z 716.4). (C) Surface plot of the [PC 36:1+Na]+ precursor ion (m/z 810.6). (D) Surface plot of the [PC 
36:1+Na]+ precursor ion and both the n-9 aldehyde and Criegee fragment summed. A wave velocity of 1200 m/s 
and a wave height of 38 V were chosen as optimum settings as pointed out by the arrow, since there was a higher 
intensity of the n-9 Criegee fragment and the [PC 36:1+Na]+ precursor ion. The plots display intensity scaled to 
the highest sum of all three ions. 

High traveling wave heights increased apparent fragmentation, while high 
wave velocities increase ion transmission and fragmentation. Sufficiently high 
wave height and wave velocity deplete the precursor population. The intensity of 
two OzID fragments of [PC 36:1+Na]+ (m/z 810.6, Figure 5.3c) were monitored for 
these experiments: the aldehyde ion at m/z 700.4 (Figure 5.3a) and the Criegee ion 
at m/z 716.4 (Figure 5.3b) indicative of the n-9 db position. Wave height of 38 V 
and wave velocity of 1200 m/s maximized fragment ion abundance, without 
eliminating the precursor signal (Figure 5.3d). 
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Figure 5.4 Comparison of MALDI-OzID mass spectra of [PC 34:1+Na]+ acquired from rat brain tissue in the 
SYNAPT (top) and the LTQ Orbitrap Elite (bottom). OzID product ions arising from oxidative cleavage of the n-
7 (m/z 700.4 and 716.4) and n-9 (m/z 672.4 and 688.4) db-positions are denoted, together with the precursor [PC 
34:1+Na]+ at m/z 782.6. Synapt OzID product ion yields were 50- to 100-fold higher with interaction times 50 
times lower (0.01 vs 10 s)1 as measured relative to the [PC 34:1+Na]+ signal (5 pixels/s vs 0.1 pixels/s). Each 
spectrum represents the average of 100 scans. 

Optimization of the ion mobility traveling wave parameters increased the 
OzID efficiency, allowing the acquisition speed to be increased 50 times compared 
to earlier OzID implementations (Figure 5.4) with sensitivity as low as 2.2 fg/µm2 
(Figure 5.5). The trap and transfer collision energies were set at 4.0 V and 2.0 V, 
respectively, for normal OzID, and trap energy was set to 40 V during CID/OzID 
experiments. 
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Figure 5.5. Sensitivity test to find the limit of detection. 1–10 layers of a PC 18:0/18:1n-9 standard were sprayed 
onto an ITO slide and measured by MALDI-OzID under the same conditions as the brain tissue sections. To 
examine the sensitivity, the abundance of the precursor and OzID product ions (the n-9 aldehyde and Criegee ions 
at m/z 700.45 and 716.48, respectively) were monitored. Figure values are based on ~850 individual pixels 
acquired from each concentration.  Characteristic OzID fragments and precursor signal for PC were observed in 
surface concentrations as low as 2.2 fg/µm2, only dropping below the limit of detection (LOD) at 1.1 fg/µm2, and 
being, on average, just above the limit of quantification (LOQ) at 2.2 fg/µm2. LOD and LOQ are defined as a S/N 
of 3 and 10, respectively. Noise level was determined to be 16 au, based on mMass single spectrum determination 
of 100 random pixels. 

DATA ANALYSIS 

WatersRawConverter was used to convert WRENS data using a bin size of 
1 Da. The data was visualized using in-house built MATLAB scripts (version 
R2014a, The mathWorks, Natick, USA). Regions-of-interest (ROI) were manually 
selected to remove off-tissue regions when plotting images, with the tissue being 
TIC normalized. Ratio images were created as percentage of 100, with the 
numerator being the sum of the aldehyde and Criegee fragment species of a single 
db isomer, and the denominator being the sum of all aldehyde and Criegee fragment 
species of all db isomers. Spectra were averaged in MassLynx v4.1 and loaded into 
mMass software[383] for offline recalibration and peak picking (S/N = 3). 
Calibrant peaks were most abundant OzID fragments (typically n-7 and n-9), along 
with phosphatidylcholine (184.07 m/z) and ozonated precursor ([M+48]) 
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LIPID NOMENCLATURE 

Lipid structure nomenclature is based on the recommendations of Liebisch 
et al [384]. The site(s) of unsaturation are indicated by n-x, where the x-position is 
calculated from the methyl end. The underscore separator “_” is used when the sn-
position of the fatty acids is unknown, while the slash separator “/” is used if the 
sn-position of the fatty acid is known. 

RESULTS AND DISCUSSION 
MALDI-OZID IMAGING OF MONOUNSATURATED 

PHOSPHATIDYLCHOLINES 

Db-isomer distributions of the abundant monounsaturated 
phosphatidylcholines, PC 34:1 and PC 36:1, were investigated in rat brain tissue to 
assess the sensitivity and speed of the high-pressure MSI-OzID setup (Figure 5.6). 
PC 34:1 and PC 36:1 have previously been studied with isomer-resolved MSI using 
OzID,[366, 385] UVPD,[161] and on-tissue PB reactions,[369] which provide 
benchmarks for this approach. The MALDI-OzID spectrum of [PC 34:1+Na]+ 
(Figure 5.6A) revealed product ions indicative of two db-positions, namely n-7 (m/z 
700.45 and 716.45) and n-9 (m/z 672.42 and 688.42). Under optimized experiment 
conditions, OzID product ions were of comparable abundance to the mass-selected 
precursor ion, aiding isomer identification. Imaging of the intact precursor lipid 
distribution was performed in “TOF-only” mode on an adjacent tissue section from 
the same animal. The distribution of the [PC 34:1+Na]+ ion at <2 ppm mass 
accuracy is shown in Figure 5.6B and represents the combined intensity distribution 
of signals arising from lipid isomers with this composition. The distributions of the 
individual PC 34:1n-7 and PC 34:1n-9 db-isomers were extracted from the OzID 
data and were individually compared against the total abundance of product ions 
from all isomers to generate fractional distribution images (FDI), as shown in 
Figure 5.6C. Comparing the sum composition distribution with the isomer-resolved 
image reveals that although PC 34:1 shows higher abundance in the gray matter of 
the brain (Figure 5.6B), an underlying variation in the relative population of PC 
34:1n-7 and PC 34:1n-9 is present (Figure 5.6C). Comparison between the isomer-
resolved-MSI and H&E-stained tissue revealed the n-7 isomer is proportionately 
more abundant in gray matter and the cerebellum and less abundant in white matter 
and the cortex, consistent with previous isomer-resolved MSI studies.[366, 368-
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370] Compared to prior isomer resolved MSI implementations, the acquisition time 
for the data reported here (~4 h) is significantly shorter than would have been 
required to acquire equivalent data using earlier OzID-MSI[366] (~200 h) or 
UVPD-MSI[367] (~36 h) implementations, while simultaneously improving 
sensitivity for the diagnostic fragment ions. 
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Figure 5.6 MALDI-OzID of monounsaturated (A–C) [PC 34:1+Na]+ and (D–F) [PC 36:1+Na]+, showing different 
isomer distributions in rat brain. MALDI-OzID spectrum of (A) [PC 34:1+Na]+ and (D) [PC 36:1+Na]+ where 
labeled product ions indicate the presence of n-7 and n-9 db isomers. Distribution of precursor ions (B) [PC 
34:1+Na]+ at m/z 782.57 and (E) [PC 36:1+Na]+ at m/z 810.61 extracted from TOF-only scans. Fractional 
distribution images of (C) PC 34:1n-7 and (F) PC 36:1n-7 obtained from MALDI-OzID, showing relative changes 
in n-7 isomers throughout the rat brain. In panels B–C and E–F, H&E staining of the same tissue after the MSI 
experiments is shown on the left. Note that MALDI-OzID and MALDI-TOF images are acquired from different 
brain tissue sections from the same animal. Explanation of addition ions present in (A) is provided as 
[366][366]Figure 5.7. 
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Figure 5.7 Explanation of additional ions observed in figure 1A. Aside from the regular n-7 and n-9 OzID 
fragments, other ozone products were present as well. The m/z 830.6 ion was assigned as the [M+O3+Na]+, 
previously reported by Paine et al.1 who observed the formation of this stable secondary ozonide during gas-phase 
ozonolysis of ionized lipids. Nitric acid (a minor byproduct of ozone generation) adducts were observed for 
Criegee ions ([n-7 Criegee + HNO3]+, m/z 779.4; [n-9 Criegee + HNO3]+, m/z 751.4) and secondary ozonide ions, 
[M+O3+HNO3+Na]+ at m/z 893.5. Furthermore, product ions associated with the characteristic neutral loss of 
trimethylamine (NL -59 Da) from the PC headgroup were also observed from the OzID ions. These ions were m/z 
771.5 ([M+O3+Na]+ -59), m/z 641.4 (-59 Da from the n-7 aldehyde ion) and m/z 613.4 (-59 Da from the n-9 
aldehyde ion). 

A representative MALDI-OzID spectrum of mass-selected [PC 36:1+Na]+ 
ions is shown in Figure 5.6D and reveals the presence of both n-7 (m/z 728.48 and 
744.44) and n-9 (m/z 700.45 and 716.46) db isomers, in agreement with previous 
studies.[366, 380] The precursor ion distribution of m/z 810.61 showed that PC 
36:1 was concentrated throughout the white matter (Figure 5.6E), in contrast to the 
correlation between PC 34:1 and gray matter. As was also observed in previous 
studies,[366, 386] the FDI (Figure 5.6F) revealed that the n-7 isomer was more 
prevalent in the gray matter and the cerebellum, while the n-9 was more abundant 
in the white matter and the cortex.  

MALDI-OZID OF POLYUNSATURATED PC SPECIES 
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Figure 5.8 OzID of polyunsaturated PC lipids showing the distribution of the polyunsaturated phospholipid and 
an interfering lipid throughout the rat brain, showing different distributions in white/gray matter. (A) MALDI-
OzID spectrum of [PC(38:4)+Na]+, revealing the presence of an omega-6 fatty acid. In addition, n-9 OzID 
fragments from an interference are visible in the spectrum, labelled as n-9. (B) Distribution images of the omega-
3 (top) and the n-9 OzID fragments (bottom). (C) MALDI-OzID spectrum of [PC(38:6)+Na]+, revealing the 
presence of an omega-3 fatty acid. In addition, n-9 OzID fragments from an interference are visible in the spectrum, 
labelled as n-9. (D) Distribution images of the omega-3 (top) and the n-9 OzID fragments (bottom). 

The increased sensitivity of the MALDI-MSI-OzID implementation is 
particularly important for polyunsaturated lipids because the diagnostic double 
bond positional information is spread across multiple pairs of OzID fragments. 
OzID of mass-selected [PC 38:4+Na]+ and [PC 38:6+Na]+ produced spectra with 
sufficient S/N to allow spatial distributions to be extracted for each double bond 
position (see Figure 5.8 and Figure 5.9). The MALDI-OzID spectrum of [PC 
38:4+Na]+ revealed four double bonds at the n-6, 9, 12, and 15 positions (Figure 
5.8A), which enables assignment of the lipid as PC 18:0_20:4n-6. Isobars around 
the n-9 neutral loss indicated the presence of an isobaric monounsaturated lipid, 
assigned as hexosylceramide HexCer 42:2;O2 by accurate mass. OzID imaging of 
[HexCer 42:2;O2+Na]+ revealed that the distribution of this sphingolipid was 
distinct from PC 38:4 (Figure 5.8B and C). While PC 38:4 was widely distributed 
throughout the gray matter (Figure 5.8B), HexCer 42:2;O2 was highly localized to 
the white matter/myelin, which is known to be rich in glycosphingolipids (Figure 
5.8C).  
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Figure 5.9 Spatial distribution of each pair of OzID ions corresponding to each carbon-carbon double bond in the 
polyunsaturated lipids PC 38:4 and PC 38:6. (A) Spatial distribution images of the ions arising from each of the 
four db positions of [PC 38:4+Na]+ showing the same distribution for all db within the omega-6 fatty acyl chain. 
(B) Spatial distribution images of the six db positions of [PC 38:6+Na]+ showing the same distribution for all db 
within the omega-3 unsaturation. For these images, 99th quantile hotspot removal was performed on the non-
normalized images. 
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For [PC 38:6+Na]+ (Figure 5.8D), the MALDI-OzID spectra showed six 

pairs of product ions corresponding to double bonds at the n-3, 6, 9, 12, 15, and 18 
positions, assigning the lipid as PC 16:0_22:6n-3, which has been previously 
reported in rat brain[366] and is shown here to be primarily present in the granular 
cell layer of the cerebellum (Figure 5.8E). As with PC 38:4, isobars around the n-9 
neutral loss revealed the presence of an additional monounsaturated lipid, in this 
case the [PC 36:1+K+13C2]+ isotopologue in the gray matter (Figure 5.8F). 
Interestingly, in these spectra we observed an “inverted” isotopic distribution, 
created from the loss of either one or both 13C in the OzID neutral loss fragment. 
This could potentially be used as a diagnostic pattern for identifying isobaric and 
co-isolated 13C-containing lipids (Figure 5.10). 
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Figure 5.10 Magnified view of the MALDI-OzID spectrum from mass selection of m/z 828 that co-isolates [PC 
38:6+Na]+ and the M+2 isotopologue of [PC 36:1+K]+. Peaks corresponding to OzID of the n-9 double bond of 
PC 36:1 are observed at m/z 718.44 and 734.43 and exhibit an inverse isotope pattern arising from OzID neutral 
losses that carry 0, 1, or 2 13C isotopes, with the remaining charged fragment containing 2 13C (at 718.3953), 1 13C 
(717.3953), and no 13C (m/z 716.3906). 

MALDI-CID-OZID2 OF MONOUNSATURATED PC SPECIES 

CID/OzID has been used to identify sn-positional isomers of PC lipid 
species via an MS3 sequence. As only MS2-level activation could be performed with 
the SYNAPT, the CID products could not be mass-selected prior to ozonolysis. 
Instead, to generate CID/OzID product ions, a combined collision- and ozone-
induced dissociation (COzID) strategy was employed.[387] Mass selected 
[M+Na]+ ions were activated in the trap region (i.e. prior to ozonolysis) with a 40 
V collision energy, forming [M-183+Na]+ head group loss fragment ions without 
significantly depleting the [M+Na]+ precursor. Subsequent reaction of these ions 
with ozone produced both CID/OzID and OzID product ions, providing db- and sn-
positional isomer information in the same spectrum. This experiment sequence was 
performed for [PC 34:1+Na]+ (Figure 5.11A), revealing product ions indicative of 
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both n-7 (m/z 700.47 and 716.47) and n-9 (m/z 672.47 and 688.47) db positions in 
addition to CID/OzID fragments diagnostic for both 16:0 and 18:1 acyl chains at 
the sn-1 position (m/z 379.25/395.25 and 405.25/421.26, respectively; see Figure 
5.12A). In accordance with previous investigations, the fractional distribution 
showed the canonical PC 16:0/18:1 is elevated within the white matter, while the 
non-canonical PC 18:1/16:0 isomer is proportionately elevated in the gray matter 
(Figure 5.11B).[366] 
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Figure 5.11 MALDI-COzID of (A–D) [PC 34:1+Na]+ and (E–J) [PC 36:1+Na]+ in rat brain obtained by pre-
activating the ions with CID (40 V) in the trap region prior to ozonolysis in the ion-mobility cell. (A) COzID mass 
spectrum of [PC 34:1+Na]+ showing diagnostic product ion pairs indicating the presence of db-positional (PC 
34:1n-7 and PC 34:1n-9) and sn-positional (PC 16:0/18:1 and PC 18:1/16:0) isomers. Additional product ions 
observed in the spectrum are consistent with CID/OzID2 processes, which are regiospecific for the n-7 and n-9 db-
positions of the sn-1 18:1. (B–D) FDIs of the different isomers present, showing the intensity of signals specific 
for (B) PC 16:0/18:1, (C) PC 34:1n-7, and (D) [PC 18:1(n-7)/16:0+Na]+ isomers. (E) COzID spectrum of [PC 
36:1+Na]+ showing diagnostic product ion pairs indicating the presence of db-positional (PC 36:1n-7 and PC 
36:1n-9) and sn-positional (PC 18:0/18:1 and PC 18:1/18:0, PC 16:0/20:1 and PC 20:1/16:0) isomers. Additional 
product ions observed in the spectrum are consistent with CID/OzID2 processes, which are regiospecific for the n-
7 and n-9 db-positions of the sn-1 18:1 and sn-1 20:1. (F–J) FDIs of the different isomers present, showing the 
intensity of (F) the PC 18:0/18:1, (G) PC 16:0/20:1, (H) PC 36:1(n-7) db-position, (I) [PC 18:1(n-7)/18:0+Na]+ , 
and (J) [PC 20:1(n-7)/16:0+Na]+ isomers. For the FDIs, an H&E staining of a consecutive section is shown on the 
left.  
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Figure 5.12 Enlargement of m/z 250–500 of the COzID spectra of (A) [PC 34:1+Na]+ and (B) [PC 36:1+Na]+. 

The observation of both db- and sn-specific product ions in a single 
spectrum (Figure 5.11A) supports the presence of at least three, and likely four, PC 
34:1 isomers (i.e., PC 16:0/18:1n-7, PC 16:0/18:1n-9, PC 18:1n-7/16:0 and PC 
18:1n-9/16:0). Additional information can be gleaned from low mass ions (i.e., m/z 
250-350) in the same spectra the presence of which, indicates subsequent OzID 
reactions on CID/OzID fragment ions (i.e., CID/OzID2 product ions). These ions 
have been characterized previously by Pham et al. using explicit MS4 activation on 
an ion-trap mass spectrometer[165]. Importantly, these product ions allow 
unambiguous assignment of db-locations to sn-1 acyl chains based on the 
fragmentation sequence outlined in Figure 5.13. For example, in the case of [PC 
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34:1+Na]+ (Figure 5.11A), the CID/OzID2
 ions observed at m/z 295.12 and 323.15 

reveal the presence of lipid isomers carrying both n-7 and n-9 db locations at the 
sn-1 position, namely the non-canonical PC 18:1n-9/16:0 and PC 18:1n-7/16:0 
lipids. Pham et al. also identified an alternative MS4 sequence, which uniquely 
assigns db isomers of the sn-2 substituted acyl chains. Unfortunately, these low m/z 
product ions were not detected under the COzID conditions used, however sn-2 
unsaturation can be inferred from the comparison between OzID and COzID 
spectra. In rat brain, CID/OzID2 product ions showed unique distributions of [PC 
18:1n-7/16:0+Na]+ and [PC 18:1n-9/16:0+Na]+. Although the overall signal from 
PC 34:1n-7 was relatively more abundant in the gray matter of the cerebellum 
(Figure 5.11C), the non-canonical PC 18:1n-7/16:0 isomer appeared more abundant 
in the white matter of the brain (Figure 5.11D). Despite our inability to directly 
visualize sn-2 related db fragments in this experiment, a comparison between 
Figure 5.11C and D indicates that the location of double bonds in fatty acids is 
closely correlated with the sn-position of the fatty acid.  
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Figure 5.13 Proposed CID/OzID2 reaction scheme for [PC 16:0_18:1+Na]+, where CID/OzID product ions 
undergo a further reaction with ozone, leading to diagnostic fragments observed at m/z 295.12 and 323.15, 
indicative of both the 18:1(n-9)/16:0 and 18:1(n-7)/16:0 isomers, respectively. 

The equivalent analysis for [PC 36:1+Na]+ revealed the presence of both 
n-7 and n-9 isomers for each PC 18:0/18:1, PC 18:1/18:0, PC 16:0/20:1, and PC 
20:1/16:0 (Figure 5.11E; magnification of m/z 250–500 is provided in the Figure 
5.12B). In line with previous investigations of [PC 36:1+Na]+, these data reveal 
that PC 18:0/18:1 accounts for >90% of all PC 18:0_18:1 sn-isomers (Figure 
5.11F)[366] based on relative intensity, and the relative fractions of PC 18:0/18:1 
and PC 18:1/18:0 do not change significantly throughout the brain. By comparison, 
PC 16:0/20:1 relative to the combined PC 16:0_20:1 signal is confined almost 
completely to the white matter (Figure 5.11G). The FDI of the db-locational 
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isomers revealed PC 36:1n-7 to be relatively more abundant in the gray matter and 
cerebellum compared to the cortex (Figure 5.11H). Although the FDIs based on 
CID/OzID2 product ions had lower signal-to-noise for PC 36:1, PC 18:1n-7/18:0 
and PC 20:1n-7/16:0 isomers could still be observed, however n-9 isomer species 
appeared entirely absent (Figure 5.11I–J). This indicates that the n-9 db is 
exclusively associated with the 18:1 or 20:1 chain substituted at the sn-2 position 
or was present below the detection limit of our analysis. 

CONCLUSION 
The data presented herein demonstrate that OzID imaging data can be 

obtained at 5 pixels/s due to the higher sensitivity and faster reaction speed with 
this method. This allows for either increasing the analytical detail by using higher 
spatial resolution or acquire bigger tissue areas or increasing the throughput. In 
addition, isobaric interferences can be resolved with this method, without the need 
for high mass resolution. Aside from regular OzID, also CID/OzID experiments 
can be performed, which showed to even further oxidize to form CID-OzID2 
fragments specific for the db-position at the sn-1 fatty acid. To our knowledge, this 
is the first time both pieces of isomeric information, including the specificity of the 
MUFAs on the sn-1 position, were acquired in a single imaging experiment. Hence, 
our method overcomes several limitations of lipid structure characterization in 
mass spectrometry imaging, which will help to gain a better understanding of 
localized lipidomic processes on complex tissues in the future.  
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INTRODUCTION 
The identification of biomarkers in assessing both the health of tissue and 

the progress of disease is one of the key challenges facing clinicians. Within that 
context, lipidomics is a highly important field of studying, owing to the fact that 
lipids are the main components of cell structure[41] and are utilized as signaling 
molecules[327] for diverse outcomes stretching from apoptosis[329] to metabolism, 
whether that metabolism is healthy[388] or cancerous[22]. It is well known that the 
utilization of lipids change based on their chemical structure, with relatively minor 
changes indicating sweeping physiological differences.[333, 334] Add to this the 
evidence revealing the change of lipid synthesis dependent upon tissue[389], cancer 
metabolism,[22, 385], or metabolic disorders such as diabetes,[344] and the fact 
that identifying specific lipid isomers becomes obvious. 

One of the main issues plaguing mass spectrometry in the identification of 
lipids is the lack of sufficient structural characterization in conventional 
methodologies.[390-392] Poor specificity comes from several factors, chiefly in 
the combination of isobaric (similar mass) and isomeric (structurally distinct) 
species. These result in the generation of confounded images that are the overlap 
of multiple species rather than a singular lipid. This is compounded within mass 
spectrometry imaging (MSI), where the very nature of most ionization techniques 
prohibits the inclusion of a separatory step that could distinguish between isomers. 
To improve the resolution of lipids, different technologies have been implemented. 
Condensed-phase chromatographic separations have been utilized to improve 
isomeric and isobaric resolution but are typically incompatible with MSI-
timescales. High resolution mass spectrometers can be used to improve isobar 
resolution, with the most powerful Fourier-transform-based instruments providing 
sub-parts-per-million mass accuracy and resolving power. However, even in such 
cases where sufficiently narrow mass windows can be chosen to exclude isobaric 
compounds, isomers cannot be separated by mass alone. Ion mobility experiments 
can separate some isomers, though the utility for all lipid isomers has never been 
demonstrated.  

As such, MSI experiments to identify the specific localization of resolved 
lipid isomers has been pushed forward by a number of different MS/MS 
methodologies. The most common form of MS/MS has been collision-induced 
dissociation (CID), being available on most commercial instruments. CID 



133 
 

experiments can identify the sum composition of most phospholipids by identifying 
the headgroup of the phospholipid and by extension the total carbon number in the 
acyl chains. In negative mode, CID can also identify individual acyl chains, which 
ionize well as fragments from the phospholipid. However, CID fails to provide any 
information relating to the position of double bonds, nor, in general, does it identify 
the stereonumbering (attachment on the glycerol backbone) of the fatty acyl chains. 
Multiple techniques have been developed that can aid in the identification of double 
bond position: the ability to perform isomer-resolved imaging of phospholipids has 
been demonstrated using ultraviolet photodissociation (UVPD)[367], ion-ion 
reactions,[162] ozone-induced dissociation (OzID),[366] electron impact for 
excitation of ions from organics (EIEIO),[393, 394] epoxidation,[163] and the 
Paterno-Buchi (PB) reaction.[164] However, many of these techniques have either 
only been demonstrated on phosphatidylcholine in the positive mode or have not 
been demonstrated in conjunction with mass spectrometry imaging. 

OzID in MSI has, to date, only been performed in the positive mode and 
only with phosphatidylcholine. This has been due to the slow rate of reaction 
impeding sensitivity in the highly abundant, metal-cationized PCs. While 
phosphatidylethanolamine is the most abundant lipid species in animal biology 
(making up ~54% of the phospholipids in brain tissue)[395], the lack of metal-
assistance to promote the ion/molecule interaction of OzID has impeded its use in 
negative mode, let alone within the other, less abundant phospholipid classes. 
Further, without the metal cation the two-stage process of CID/OzID is unavailable, 
making identification of specific stereonumbering difficult. Despite these 
limitations, our recent implementation of OzID in a Synapt G2Si system, which 
boosted the reaction rate in comparison to older work by more than 50-fold, has 
enabled the use of OzID in the negative mode. 

Herein, we demonstrate the utility of OzID to identify double bond location 
in multiple phospholipid classes, including phosphatidylethanolamine (PE), 
phosphatidylinositol (PI), phosphatidylserine (PS), phosphatidylglycerol (PG), and 
phosphatidic acid (PA). We combine CID and OzID into a single Collision-Ozone 
Induced Dissociation (COzID), enabling simultaneous identification of acyl chain 
and double-bond (db) isomerization. We present these identifications using both 
healthy brain tissue, as well as medullablastoma-bearing brain tissue, and low-
density-lipoprotein negative kidney tissue. 
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METHODS 
MATERIALS 

2,5-Dihydroxybenzoic acid (DHB, HPLC-grade, ≥99% purity) and 
chloroform (≥99%) were purchased from Sigma Aldrich (Zwijndrecht, The 
Netherlands) and used without further purification. Methanol (ULC-MS grade), 
water (LC-MS grade), ethanol (LC-MS grade), and xylene (AR grade) were 
purchased from Biosolve (Valkenswaard, The Netherlands). Hematoxylin and 
Entellan® were purchased from Merck (Darmstadt, Germany) and eosin Y from 
J.T. Baker (Center Valley, USA). Indium tin oxide (ITO)-coated glass slides were 
purchased from Delta Technologies (Loveland, USA). Lipid standards (PE 16:0-
18:1, PE 18:0-18:1, PS 16:0-18:1, PS 18:0-18:1) were purchased from Avanti Polar 
Lipids (Alabaster, USA). 

BIOLOGICAL SAMPLES 

Rats, housed and cared for at the Central Animal Facility of Maastricht 
University according to local standards, were provided ad libitum access to water 
and regular chow. Healthy rat brain (HRB) was obtained in accordance with 
protocols approved by the Animal Care and Use Committee (DEC number 2014-
120). MedullaBlastoma-bearing Mouse Brains (BMB) from Transgenic 
ND2:SmoA1-GFP mice were housed and cared for at Emory University and used 
in accordance with protocols approved by the Emory Institutional Animal Care and 
Use Committee. One mouse kidney (MK) was collected from an LDL R−/− mice 
from a protocol approved by the Animal Care and Use Committee (DEC number 
2014-069) at Maastricht University. Mice were provided ad libitum access water 
and regular chow. Animals were housed and cared for at the Central Animal 
Facility of Maastricht University according to local standards. Horizontal sections 
of all tissues measuring 10 μm thick were prepared using a cryo-microtome (Leica, 
Nussloch, Germany) at -20°C, thaw-mounted on ITO-coated glass slides, and 
stored at -80°C until matrix application and MSI analysis. 

SAMPLE PREPARATION 

An automated TM-Sprayer (HTX Technologies, LLC, Chapel Hill, USA) 
was used for application of lipid standards between 0.01 and 0.1 g/L concentrations 
in 2:1 CHCl3:MeOH onto clean ITO slides for 1 to 10 layers using the following 
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protocol: spray flow rate 0.12 mL/min, 30 s drying time between layers, at 30 °C. 
This created concentrations from 0.33 to 3.3 ng/mm2 (assuming equal dispersion). 
Samples were then treated equivalently to brain tissue sections, where matrix was 
applied by sublimation: 40 mg of DHB for 4 min at 160 °C with a pressure of <4 × 
10−5 bar. 

Hematoxylin and eosin (H&E) staining was performed after MALDI 
imaging. Matrix was removed from tissue by immersion in 70% ethanol for 3 min. 
A standard H&E protocol was then used (95% EtOH, 70% EtOH, H2O for 30 s 
each; haematoxylin for 3 min; H2O, 70% EtOH, 95% EtOH each for 30 s; eosin 
for 1 min; 95% and 100% EtOH for 30 s each; xylene for 2 min). High-resolution 
optical images of stained tissues were generated using an Aperio CS2 digital 
pathology slide scanner (Leica Biosystems, Wetzlar, Germany). 

MASS SPECTROMETRY IMAGING INSTRUMENTATION 

Tissue sections were analyzed using a prototype μMALDI source mounted 
to a Waters SYNAPT HDMS G2-Si system (Waters Corporation, Manchester, UK), 
as previously described by Barré et al.[382] Samples were analyzed in continuous 
raster mode using Waters Research Enabled Software (WRENS) to operate at 5 
pixels/s, laser repetition rate of 1500 Hz, pixel size set to 50 µm, MS/MS isolation 
window set to ±1.5 m/z, and detection set to sensitivity mode (mass resolution: 
~15,000). The laser spot size was approximately 15 × 15 µm. Operation of the T-
Wave was optimized to generate the highest intensity of selected diagnostic 
fragments without depleting the precursor signal (wave velocity 1000 m/s and wave 
height 38 V). Optimization of the ion mobility traveling wave parameters allows 
detection down to 4.4 fg/µm2. The trap collision energy was varied according to 
phospholipid class from 20-35 V while the transfer cell was set to 2.0 V. 

IN-LINE OZONE GENERATION 

Ozone generation and delivery to the instrument are as described 
previously.[380] Briefly, ozone was produced with a high-concentration ozone 
generator (TG-40; Ozone Solutions, Hull, IA, USA) from UHP oxygen (5.0 grade, 
20 psi @ 0.4 slm; Linde Gas Therapeutics Benelux bv, Eindhoven, The 
Netherlands). Ozone percentage in O2 was maintained at 280 g/NM3 as monitored 
in-line (106-H; 2B Technologies, Boulder, USA). Ozone was then leaked into the 
ion mobility cell gas inlet of the mass spectrometer, with the pressure maintained 
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at 2.3 mbar in the cell. Excess ozone was destroyed using a destruct catalyst (810-
0008; In USA, Inc., Norwood, USA). Laboratory ambient ozone concentration was 
monitored (106-L; 2B Technologies, Boulder, USA) and interlocked to shut off the 
generator if the background ozone level rose above 75 ppb. 

DATA ANALYSIS 

WatersRawConverter (Waters Corporation, Manchester, UK) was used to 
convert WRENS data using a bin size of 1 Da. Data were visualized using in-house 
MATLAB scripts (version R2014a, MathWorks, Natick, USA). Regions-of-
interest (ROI) were manually selected to remove off-tissue regions when plotting 
images. Ratio images were created with the numerator being the sum of the 
aldehyde and Criegee OzID fragments of a single isomer, and the denominator 
being the sum of the OzID fragments for all isomers. Spectra were averaged in 
MassLynx v4.1 and loaded into mMass software for offline recalibration and peak 
picking (S/N = 3). 100 individual spectra were loaded into mMass to determine 
individual scan noise level to define the limit of detection and quantitation (3 and 
10-fold of noise, respectively). Calibrant peaks were the most abundant OzID 
fragments, along with the headgroup fragment and the ozonide of the precursor 
lipid. 

LIPID NOMENCLATURE 

Lipid structure nomenclature is based on the recommendations of Liebisch 
et al.,[396] whereby the site(s) of unsaturation are indicated by n-x, where x is the 
number of carbons relative to the methyl terminus of the acyl chain. The underscore 
“_” or slash “/” is used for unknown or known sn-positions, respectively, of the 
fatty acids. 

RESULTS AND DISCUSSION 
We optimized the parameters of the TWIMS funnel using phospholipid 

standards in negative mode, finding that a wave height of 38V and a wave velocity 
of 1,000 m/s maximized spectral information. MS1 images of normal rat brain in 
negative mode were used to choose abundant single-double-bond phospholipids for 
optimization. PS(36:1) was found to be highly abundant with easily detected 
features. Increasing collisional energy prior to introduction of the ions to the 
TWIMS cell improves OzID functionality and sensitivity (Figure 6.1a). MS1 
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imaging of PS(36:1) highlights its abundance in the white matter of HRB tissue 
(Figure 6.1b). At a collisional energy (CE) of 4 V shows only the n-9 double bond 
isomer, following the same white/gray matter split as the MS1 ion (Figure 6.1c). 
Increasing CE to 35 V, diagnostic fragment intensities increase from 2 to 100 fold 
and additional information relating to the fatty acid arrangement of PS(36:1) is 
unveiled (Figure 6.1d). Improved sensitivity is sufficient to be able to image the n-
9 double bond isomer of the fatty acid fragment FA(18:1), which shows that it 
follows the same pattern as n-9 isomer of the intact/headgroup loss fragment 
(Figure 6.1e). 

 

Figure 6.1. Increased collisional energy improves sensitivity. Reaction rate also improves, where the loss of the 
PS headgroup creates more reactive fragments, based on 1000 scans (a). Overall distribution of PS(36:1) in healthy 
rat brain (b), and the distribution of the only detected double-bond isomer at low collisional energy (c). High 
collisional energy improves sensitivity by approximately 30% (d). Further, high collisional energy enables 
visualization of the double bond isomer of the fatty acid fragment from the intact lipid (e). 
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Simultaneously, we can determine that PS(36:1) is mainly formed of 2 
acyl-chain isomers: 16:0_20:1 and 18:0_18:1, with 18:0_18:1 being the vast bulk 
of PS(36:1) in the brain (Figure SI 3). The split between 18:0_18:1 and 16:0_20:1 
is interesting, as it follows a similar trend to the n-7/n-9 trend, with 16:0_20:1 being 
a greater proportion of the total PS(36:1) outside of the gray matter and highlighting 
the hypothalamus and the ventricle. Unfortunately, the lack of CID/OzID makes us 
unable to distinguish between 18:0/18:1 and 18:1/18:0, nor can we explicit 
determine whether the n-9 is not, in fact, n-11 from FA 20:1. However, we make 
the assumption generally that due to the ratio of 18:0_18:1 to 16:0_20:1 implies 
that the vast bulk of fragment ions point towards this being n-9 from 18:1, rather 
than n-7 from 20:1. 
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Figure 6.2. Double bond isomers of PS(36:1) in mouse brains bearing glioblastoma. MS1 imaging shows an 
increased presence in white matter, and decreased presence in the tumor tissue (a). In contrast to healthy rat brain, 
n-7 is visible in the mouse brain, and is upregulated in the tumor (b). n-9 double bond isomer follows primary ion, 
being upregulated in the white matter (c). Ratio imaging of n-7 over n-9 highlights n-7 increase in the gray matter 
and tumor tissue (d). 

Partially, this assumption is bolstered by the fact that pure n-7 isomers of 
PS(36:1) appears to be very low in all tested tissues. BMB have PS(36:1) 
distributions that follow the same pattern as in healthy rat brain tissue, being 
highlighted in the white matter (Figure 6.2a). However, an imageable amount of 
the n-7 isomer can be detected in BMB and is slightly highlighted in the blastoma 
and gray matter (Figure 6.2b). The n-9 isomer follows the trend of the base PS(36:1) 
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peak (Figure 6.2c), and the isomer ratio of n-7 over n-9 highlights both the gray 
matter (which is lower in overall intensity for PS(36:1)) and the tumor in the 
cerebellum (Figure 6.2d), which correlates with the pure n-7 image. We find as well 
that the n-7/n-9 ratio matches with the ratio of PC (36:1), which has been examined 
previously[366]. 

 
Figure 6.3. Change in double bond positions in phosphatidylethanolamine 36:1. Spectral information is more 
complex than normal due to increased presence of nitric acid adducts (a). Total signal for [PE(36:1)-H+]- 
highlights generally in the gray matter, as well as in the ventricle lining and the granular cell layer of the cerebellum 
(b). The n-7 double bond isomer appears upregulated in the gray matter and is less abundant in the white (c). By 
contrast, the n-9 isomer is more abundant than the n-7 isomer and appears to highlight the molecular layer in the 
cerebellum (d). Ratio imaging of the n-7 to n-9 isomer shows an increase in the cerebellum, but a decrease in the 
specific Purkinje cell layer (e). Tumor-bearing mice brains show uniform PE(36:1) signal, being only decreased 
in the ventricle (f). In contrast to the rat brain, the n-7 isomer highlights visibly in the cerebellum of the mouse (g), 
while the n-9 isomer highlights specifically the white matter (h). Ratio imaging also shows an increase of the n-7 
isomer in the tumor region and the gray matter (i). 

Imaging of [PE(36:1)-H+]- shows the presence of both n-7 and n-9 isomers 
in both HRB and BMB with a preference for the n-9 isomer (Figure 6.3a). Overall 
assignment of fragment species is more complex in the phosphatidylethanolamine, 
due to the presence of significant nitric acid adduct peaks within the spectra. We 
attribute this to the presence of trace amounts of water within the TWIMS cell 
combining with ammonia (from the fragmentation of the PE headgroup) and ozone. 
The degeneration of signal across multiple peaks dampens imaging quality, but 
each individual fragment that corresponds to the same isomer produces similar 
images. The images in Figure 6.3 are built from the sum of all degenerate signal 
peaks to produce the most informative images.  
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The distribution of PE(36:1) appears distinct in both species, with HRB 
showing upregulation of PE(36:1) in the dentate gyrus, in the tissue lining the 
ventricle, and within the molecular layer of the cerebellum Figure 6.3b). By 
contrast, BMB shows high levels of PE(36:1) in all brain tissues and decreased in 
the ventricle (Figure 6.3f). Both tissues show an increase in the relative abundance 
of the n-7 isomer in the non-molecular tissues of the cerebellum, with BMB 
showing upregulation of the n-7 isomer in the tumor region (Figure 6.3e and i).  

 
Figure 6.4. PUFA phospholipids show low isomerization of double bonds. Summed spectra of healthy brain show 
no signs of non-ω6 fatty acids (a). Rat brain imaging of [PI(38:4)-H+]- shows high abundance of the species in 
the ventricle lining, the dentate gyrus, and the Purkinje cell layer (b). Imaging of the summed ω-6 fragments 
confirms the same distribution (c). Kidney imaging shows an increase of PI(38:4) in the cortex and inner stripe of 
the outer medulla, with depletion in the inner medulla and outer stripe of the outer medulla(d). ω-6 fragment 
imaging shows high abundance in the same areas (e). Blastoma-bearing mouse brains show significant 
upregulation in tumor tissue, as well as generally in the cerebellar gray matter (f), which is supported by similar 
findings in the ω-6 fragments (g). 

As we found previously with phosphatidylcholines in positive mode, the 
polyunsaturated fatty acid (PUFA) phospholipids display no variety in double bond 
position (Figure 6.4a). In the case of PI(38:4), the only db-positional isomer we 
find is the ω-6 fatty acid, which when combined with the FA information from 
COzID establishes it as arachidonic acid (FA 20:4). HRB shows highlights of 
PI(38:4) in the granular layer, the dentate gyrus, and lining the ventricle (Figure 
6.4b). The ω-6 fragments generally align with this interpretation, being highlighted 
in the white matter, dentate gyrus, and lining the ventricle (Figure 6.4c). However, 
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the cerebellum seems to be more broadly enhanced, rather than distinctly focused 
on the granular layer. 

MK PI(38:4) is upregulated in the cortex, and to a lesser extent within the 
inner stripe of the outer medulla (ISOM) (Figure 6.4d). PI(38:4) is specifically 
downregulated within the medulla itself, and towards the renal pelvis. ω-6 imaging 
agrees with this, with the ISOM and cortex showing higher abundance of PI(38:4ω-
6) (Figure 6.4e). Being removed from the MS1 image, there is a smaller section of 
the renal pelvis available in the COzID image, but there still appears to be a 
reduction in the abundance of PI(38:4) visible beneath the fracture in the kidney 
section, which corresponds to the pelvis. 

BMB is quite different from HRB, with the white matter of the cerebellum 
being much more strongly upregulated than the white matter of the rest of the brain 
(Figure 6.4f). Within the blastoma of the BMB, PI(38:4) is extraordinarily abundant, 
a result that correlates well with the increase in cellular respiration within the tumor. 
ω-6 imaging of BMB tissue still shows this same white/gray matter split, along with 
an increase in the tumor region (Figure 6.4g). 

 
Figure 6.5. Imaging of [PE(38:4)-H+]- in rat brain and kidney. Summed spectral average of [PE(38:4)-H+]- shows 
presence of only PE fragments and ω-6 fatty acids (a). Image of PE(38:4) shows an increase in the dentate gyrus, 
the ventricle lining, and the molecular layer of the cerebellum (b). ω-6 fatty acid fragments show upregulation 
similar to the primary ion (c). [PE(38:4)-H+]- in kidney shows complete depletion in the inner medulla and 
upregulation in the cortex (d). Imaging of the ω-6 fragments is more ambiguous about the upregulation in the 
cortex vs the inner and outer stripe of the medulla, but still shows depletion in the inner medulla (e). 

Like PI(38:4), PE(38:4) appears to be made of a single db-isomer, that of 
18:0_20:4(ω-6) (Figure 6.5a). Additionally, we have degeneracy of the signal in 
the ozonolysis fragments due to the generation of nitric acid in the TWIMS cell. 
The abundance of PE(38:4) corresponds to the dentate gyrus, the ventricle lining, 
and the molecular layer of the cerebellum in HRB, the same as in PI(38:4) (Figure 
6.5b). The single db-isomer highlights the same brain tissue, with no contaminating 
peaks visible to confound identification (Figure 6.5c). MK imaging of PE(38:4) 
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shows high abundance in the cortex, and depletion in the inner medulla, which 
correlates with PI(38:4) (Figure 6.5d). The ω-6 fragments are depleted in the inner 
medulla, which matches with the primary ion, but the overall difference between 
the stripe of the medulla and the cortex is lessened, we think as a result of the 
degeneracy of signal interfering with smooth imaging of the difference in 
abundance (Figure 6.5e). 

While the lack of true CID/OzID increases the difficulty in making true 
isomerically-resolved lipid images, COzID still allows us to differentiate between 
isobaric lipids. [PG(34:1)-H+]- and [PA(40:6)-H+]- differ by 21 mDa, making them 
distinguishable in high resolution mass spectrometers, but not on our current 
platform (~35,000 vs 15,000 resolving power). However, with COzID we can 
distinguish between them based on the acyl chains that they are comprised of, while 
still identifying double bond isomers (Figure 6.6a). Similarly to the arachidonic 
acid-containing PI(38:4), we see only a single PUFA: FA(22:6ω-3), though unlike 
for either PS(36:1) or PE(36:1), we can see both MUFA n-7 and n-9. Imaging of 
the MS1 ion shows slight increases in the molecular layer of the cerebellum in HRB, 
as well as within the dentate gyrus (Figure 6.6b). Imaging of the ω-3 fragments 
contrastingly highlights the granular layer of the cerebellum, as well as the gray 
matter of the brain as a whole (Figure 6.6c), consistent with previous findings.  

Investigation of the n-7 isomer of PG(34:1) in HRB shows similar 
morphology to the primary ion image, but more exaggerated in upregulation 
(Figure 6.6d). The molecular layer is more readily apparent, as well as the lining of 
the ventricle in the forebrain, with low or no abundance in the white matter. The 
lower abundance n-9 isomer seems to have no particularly distinct features, save 
that it is not found in the white matter (Figure 6.6e). This greater abundance of n-7 
vs n-9 in PG (34:1) is interesting, as it is the opposite of what is found in the 36:1 
phospholipids, whether PS or PE. 

Precursor imaging of the combined [PG(34:1)-H+]- and [PA(40:6)-H+]- in 
MK shows upregulation within the cortex of the kidney, and relative 
downregulation in the medulla and renal pelvis (Figure 6.6f). Similarly to the HRB, 
where the main component of the precursor is PA(40:6), in MK the ω-3 is abundant 
within the cortex, while being depleted within the medulla. However, overall 
sensitivity is lower in MK than HRB, which combines poorly with the significantly 
degenerate signal of PA(40:6), leading to a less conclusive distribution image than 
is found in HRB. PG(34:1) in MK is highly enriched in the n-7 isomer, which is 
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upregulated in the medulla of the kidney (Figure 6.6h). The n-9 isomer is low 
enough in abundance that drawing conclusive evidence of specific distribution is 
impossible in our current instrumentation (Figure 6.6i). 

 
Figure 6.6. Differentiating between isobaric lipids and isomeric lipids simultaneously using COzID. Spectral 
complexity is heightened by isobaric interferences, but CID and OzID fragments differentiate between species (a). 
Unresolved imaging of [PG(34:1)-H+]- and [PA(40:6)-H+]- shows no highlights other than depletion in white 
matter of the brain and an indeterminate increase in the molecular layer (b). However, PA(40:6) ω-3 fragments 
highlights the granule cell layer of the cerebellum, and the gray matter of the cerebrum (c). Imaging of the n-7 
isomer of PG(34:1) highlights the molecular layer, as well as the ventricle lining (d). The n-9 isomer of PG(34:1) 
shows no highlight except for spotty increases in the pia mater (e). Unresolved imaging of [PG(34:1)-H+]- and 
[PA(40:6)-H+]- in mouse kidney shows upregulation in the cortex (f). This corresponds to high levels of the ω-3 
fragments of PA(40:6) (g), but not to the n-7 isomer of PG(34:1), which is found mainly in the medulla (h). The 
n-9 isomer is too low in abundance to clearly distinguish any areas of upregulation (i). 

CONCLUSION 
The expansion of OzID-MSI into negative mode shows distinct 

distributions of double bond isomers dependent on the phospholipid in comparison 
to previous work[366], with no apparent variation in the PUFA phospholipids. 
While CID/OzID is not available in negative mode, owing to the lack of ring-
formation as in the metal cationized phosphatidylcholines, it can be used in 
combination as COzID, allowing for the simultaneous investigation of both double 
bond positional isomers and acyl-chain variations. In particular, while this 
combination does not allow for specific assignment of lipids to stereonumber, 
robust information from both ozonolysis and collisional fragmentation can allow 
for the assignment of specific double bonds to particular acyl chains, enabling 
identification of all levels except double bond geometry and stereonumbering.  
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The tissues tested show the applicability of this technique to multiple 
imaging experiments, in both healthy and diseased tissue. Further, specific tissue 
types can be identified through their double bond positional isomers in multiple 
phospholipid classes, and changes between phospholipid classes can be identified, 
which has thus far been impossible in purely positive-mode mass spectrometry 
imaging experiments. We see this as a new tool in the arsenal of mass spectrometry 
imaging, which can be used to enhance the overall understanding of both healthy 
and diseased tissue beyond what has thus far been shown. 
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Chapter 7 VALORIZATION 
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Defining the overall impact of a work like this thesis is a difficult 
undertaking. As a whole, science is an interconnected web of ideas, experiments, 
and collaborations, advancing in 1,000 different directions simultaneously. 
Combining this general trend within the sciences with the ever-increasing drive 
towards complete omics awareness in biological systems, it becomes obvious that 
no one scientist can cover every avenue in understanding a biological question. 
This work has pushed forward that envelope by combining technological 
innovation in-house with biological questions from abroad, attempting to answer 
their specific questions. 

SCIENTIFIC IMPACT 
Perhaps the easiest effect to measure from this thesis is the number of 

collaborative efforts that have spun out from it. Ultra-high mass resolving power 
combined with mass spectrometry imaging (Chapter 2) lead directly to the National 
High Magnetic Field Laboratory (Tallahassee, USA) to purchase the same MALDI 
source for their instruments. This greatly expands the capabilities of that institute 
and enables many more people the opportunity to explore isobaric compounds in 
general, as well as the chance to expand further in the capabilities of that system, 
either in ultraviolet photodissociation or other MS/MS methodologies. As the 
MagLab is a national laboratory in the United States that all scientists can have 
access to, this is a wonderful step forward for many people to employ techniques 
with machinery they otherwise would not. 

Building upon the utility of MALDI-2, both in its ability to increase 
spectral information and its power to image smaller pixels has seen utility in 
understanding more of the causes in multiple sclerosis. Initial work with the 
University of Hasselt (Hasselt, Belgium) exposed the presence of Stearoyl-CoA 
desaturase-1 in lesions of MS. Further information was unveiled in the process of 
Chapter 3, which has prompted the University of Hasselt to deepen its ties to M4I 
to further explore the unusual lipidomic alterations unveiled by post-ionization and 
single cell imaging. Similarly, the Institute of Bioengineering, Ecole Polytechnique 
federale de Lausanne (Switzerland) utilized this technology to investigate single 
cell lipidomics in fibroblasts. The Technical University of Munich has developed 
an on-going collaboration with M4I centered around the understanding of 
nonalcoholic steatohepatitis in both preclinical mouse models and patient tissue, 
which is enhanced by the use of MALDI-2 and has unveiled not just fatty acid 



149 
 

changes but specific localization of apoptosis byproducts in the liver. Both the 
School for Mental Health and Neuroscience (Maastricht, Netherlands) and the 
University of Gothenburg (Gothenburg, Sweden) have looked to M4I to continue 
developing our understanding of Alzheimer’s disease, and the dyslipidemia that 
associates with the plaques that are a hallmark of Alzheimer’s. Multiple sclerosis, 
Alzheimer’s, nonalcoholic steatohepatitis, these diseases are merely the first set of 
projects that can be improved by the application of MALDI-2, and the expansion 
of that technology to new instruments and coupled with different capabilities will 
only see ever finer understanding of biology. 

Shifting away from MALDI-2, the combination of OzID with MSI has 
shown great potential in studying prostate cancer. The Queensland University of 
Technology (Brisbane, Australia) has partnered with M4I for the ability to study 
the global context of cancer progression in human tissue. CID/OzID imaging has 
already been demonstrated before, but the more difficult double bond isomers have 
yet to be studied in great depth. However, as demonstrated in Chapters 4 and 5, it 
is now possible to study these in not just the commonly investigated 
phosphatidylcholines, but many more phospholipids, as well. As all of the lipid 
classes are interconnected, but operate with different synthetic pathways, the ability 
to analyze all of them deepens our ability to understand the whole state of a 
biological tissue. 

COMMERCIAL IMPACT 
Through the duration of this thesis, I had the privilege of working with 

several companies in the pursuit of improving mass spectrometry imaging. Bruker 
Daltonics (Bremen, Germany), Molecular Horizons, S.R.L. (Brettona, Italy), and 
Spectroglyph, LLC. (Kennewick, USA) all provided unique opportunities to extend 
the principles developed in this thesis to wider audiences. Working with Bruker 
enabled me to apply the expertise I have gained in custom software and hardware 
packages to a format that is applicable to the routine user, including MALDI-2 and, 
potentially, data-dependent acquisitions. These data-dependent acquisitions can be 
read through the auspices of Molecular Horizons’ LipostarMSI, a software package 
that I had the great joy of helping design. Being a vendor-neutral platform, 
LipostarMSI is useful to scientists working with any commercial instrument and 
can interpret the complex data derived from data-dependent acquisition 
experiments (a la Chapter 3). Significant use of Spectroglyph’s MALDI ion source 
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for Thermo instruments has also helped refine both physical and software features 
available from that company.  

My contribution to many of these commercial endeavors was as an end 
user. By offering active feedback on these systems, I have helped make stronger, 
more robust systems that provide stable platforms for further research. In turn, these 
companies have helped show me how to constrain the enthusiasm of research to the 
restrictions of feasibility. 

SOCIETAL IMPACT 
Perhaps the greatest showing for the societal impact of this work is in the 

generation of a magazine article about a scientific paper that this work helped 
publish. The Nederlandse Vereniging van bioMedisch Laboratoriummedewerkers 
(NVML) asked for an article to be written based on the Nature published article 
“Auto-aggressive CXCR6+ CD8 T cells cause liver immune pathology in NASH,” 
to translate the findings of that work for medical clinicians. That such a magazine 
article would be requested immediately after the publishing of that journal article 
points to how impactful this type of research can be, and how necessary it is to 
make this accessible to more people.  

The desire to understand the complete spatial context of tissues is 
something that will resonate for decades, in my opinion. This work is simply a 
driving force in making mass spectrometry imaging a vital portion of spatial omics. 
By providing techniques that can be applied to old systems, programs that can be 
applied in a vendor-neutral fashion, and showing the utility of combining extant 
systems, it is my fervent desire that many more people will be able to benefit.  
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Chapter 8 CONCLUSION 
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The summation of this work is an attempt to push the boundaries of what 
is possible with mass spectrometry imaging, and to combine those efforts with 
others working in related fields to create spatial omics. As has been shown 
repeatedly, both within this work and within the mass spectrometry imaging 
community is that spatial awareness matters. The spatial context allows for both 
better understanding of the underlying biological context and for the ability to 
detect minute changes that are invisible in aggregate. The development of powerful, 
reproducible methods that can identify specific lipids is a key factor in forging 
better spatial omics. 

BIOLOGICAL CONTEXT IN MASS SPECTROMETRY IMAGING 
Functionally, the chapters of this thesis revolve around improvements to 

lipid identification in mass spectrometry imaging. Evolving developments in MSI 
have pushed forward lipids as both easy targets for ionization and as important 
biomolecules for their multiple roles in biological function. Emerging technologies 
have been employed to Chapter 1, however, highlights the idea that while lipids are 
convenient for the identification of disease or metabolic disorders, they are 
typically an end-point or substrate in these dysfunctions. Their utility cannot be 
understated, but they are not able to fully encompass the scope of a tissue. It is 
necessary to look beyond the lipids to the enzymatic processes that produce them. 
That aside, for processes where the underlying biological process is well-
understood, improvements in spatial-resolution and isomer-resolution of lipids are 
the next goal in lipidomics. 

ULTRA-HIGH RESOLUTION 
Improvements in mass resolution is a powerful tool in the kit of lipidomics. 

Ultra-high mass resolving power, as described in chapter 3, allows for the direct 
separation and sum-composition identification of lipids. The mass accuracy of 
<100 ppb in the lipid mass range, with separation potential sufficient to distinguish 
between many common isobars past m/z 1,000 makes it a superlative mass 
spectrometer. In these experiments, we showed resolution of features as closely 
isobaric as 1.78 mDa, allowing identification of more than 2,000 lipid related peaks 
that were abundant enough to generate imaging information. The stability of the 
experimental device allowed for images that needed no normalization to show 
accurate representations of the ratio of lipid abundance. 



153 
 

However, it has 2 failings. First, the speed of acquisition is still low, forcing 
either small sections of tissue to be examined or long experimental times. Neither 
of these is particularly compatible with mass spectrometry imaging, as sample 
degradation (whether due to samples being maintained at atmosphere or from 
matrix sublimation) becomes a problem with longer experiment time while 
instrument time can be a previous commodity. This is especially true for the 
instrument used in this experiment, as there are only 2 of them in the world, making 
it difficult for most people to use. Second, the data collected is only MS1 data, 
which allows for highly accurate sum-composition identification of lipids, but 
precludes any identification of either acyl chain composition or double-bond 
positional isomers. The inclusion of either capability would greatly improve the 
utility of this instrumental setup. 

HIGH SPATIAL RESOLUTION 
The combination of MALDI-2 with oversampling in MALDI shows great 

utility in finding highly specific spatial location of lipids. More lipids can be 
identified while great oversampling in MALDI-2 than can be found in normal 
MALDI experiments without any oversampling. Further, the use of MALDI-2 
ionizes species that are either normally invisible in MALDI imaging, or that are 
only available in a specific ion detection mode (e.g., positive or negative mode). 
Both of these advantages are available without changing the primary laser 
configuration. 

This experiment has a minor design flaw in that the oversampling of an 
ovoid beam does not preclude the ionization of lipids from the entire laser footprint, 
potentially confounding or obscuring the exact spatial location of the analytes of 
interest. Further, the shape of the resultant pixels are not true squares, but instead 
are effectively crescent-moons that are further subdivided into crescents. While 
these are approximated as squares, as the spatial resolution of the pixels increases, 
the exact shape of the pixels will become more important, as will the desire to 
preclude any signal that might occur from laser desorption ionization from the 
previously desorbed surface. 

OZONE-INDUCED DISSOCIATION 
The application of ozone to identify double-bond isomers is not unique to 

this pair of studies. However, the speed of acquisition and the sensitivity of the 
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instrumentation is one to two orders of magnitude greater than any previous 
imaging study. The nature of the instrument, which necessitates the combined CID, 
OzID, CID/OzID, and CID/OzID2 fragments all in a single experiment is a problem 
to be addressed, as having all of the fragments from each pathway combined 
together clouds the absolute identification of some lipids.  

Negative mode OzID has never been shown before in an imaging modality, 
making this endeavor as perhaps one of the most significant, at least in terms of 
application to greater experimentation. While studies have shown the changes that 
occur within the phosphatidylcholines, those that show the other phospholipids are 
much rarer, and a source for significant improvement in lipidomics. 
  



155 
 

Chapter 9 SUMMARY 
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Understanding in spatial omics requires two intertwined but distinct levels 
of knowledge: precise, resolved ion images and accurate identification of analytes. 
These thesis addresses both levels to improve lipidomics assignment of tissues. 

Chapter 1 offers a brief overview of the issues facing mass spectrometrists 
in the study of lipids. Different analytical methods are discussed, including MALDI, 
SIMS, and DESI, and the different advantages and disadvantages of these relating 
to mass spectrometry imaging. Several applications are then investigated, which 
are then related to further dimensions that can be added to experimental models. 
Lastly, future potential developments are discussed. 

Chapter 2 focuses on the utility of ultra-high mass resolving power to 
improve lipid identification. The application of a MALDI imaging source to a 21 
Tesla FT-ICR is described, as is the steps to produce intelligible results from ultra-
high resolution data. Both mass accuracy and dynamic range are discussed, and 
several images of known lipids are described. 

In chapter 3 MALDI-2 oversampling is shown to produce significant 
improvements in spatial resolution without MALDI beam modification. The basic 
process of oversampling is described in the course of identifying the maximum 
oversampling possible with this instrumentation. Several examples of different 
tissue types are displayed that show distinctive morphological or analytic changes 
unavailable in normal MALDI. 

Chapter 4 describes the development of ozone-based lipid identification on 
a Synapt G2Si instrument. The modifications required for operation are laid out, 
followed by comparison of this instrumentation to earlier OzID-MSI platforms. 
Enhancements in sensitivity and speed of at least 2 orders of magnitude are 
demonstrated, as well as several types of experiment that were previously 
unavailable. 

Chapter 5 unveils the first use of OzID in negative ionization mode in 
combination with MSI. Several of the advantages and disadvantages of negative-
mode OzID are discussed, including the lack of true CID/OzID. Phospholipids of 
5 different classes are described in detail in 3 different tissue types, representing 
healthy, dysfunctional, and tumor-bearing modalities.  
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Chapter 10 SAMENVETTING 
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Inzicht in ruimtelijke omics vereist twee met elkaar verweven maar verschillende 
kennisniveaus: nauwkeurige, opgeloste ionenbeelden en nauwkeurige identificatie van 
analyten. Dit proefschrift behandelt beide niveaus om de toewijzing van lipidomics aan 
weefsels te verbeteren. 

Hoofdstuk 1 biedt een kort overzicht van de problemen waarmee 
massaspectrometristen worden geconfronteerd bij de studie van lipiden. Verschillende 
analysemethoden worden besproken, waaronder MALDI, SIMS en DESI, en de 
verschillende voor- en nadelen hiervan met betrekking tot massaspectrometriebeeldvorming. 
Vervolgens worden verschillende toepassingen onderzocht, die vervolgens worden 
gerelateerd aan verdere dimensies die aan experimentele modellen kunnen worden 
toegevoegd. Tot slot worden mogelijke toekomstige ontwikkelingen besproken. 

Hoofdstuk 2 richt zich op het nut van ultrahoog massa-oplossend vermogen om de 
identificatie van lipiden te verbeteren. De toepassing van een MALDI-beeldbron op een 21 
Tesla FT-ICR wordt beschreven, evenals de stappen om begrijpelijke resultaten te produceren 
op basis van gegevens met ultrahoge resolutie. Zowel massanauwkeurigheid als dynamisch 
bereik worden besproken, en verschillende afbeeldingen van bekende lipiden worden 
beschreven. 

In hoofdstuk 3 wordt aangetoond dat MALDI-2 oversampling significante 
verbeteringen in ruimtelijke resolutie produceert zonder MALDI-straalmodificatie. Het 
basisproces van overbemonstering wordt beschreven tijdens het identificeren van de 
maximaal mogelijke overbemonstering met deze instrumenten. Er worden verschillende 
voorbeelden van verschillende weefseltypes weergegeven die kenmerkende morfologische 
of analytische veranderingen vertonen die niet beschikbaar zijn in normale MALDI. 

Hoofdstuk 4 beschrijft de ontwikkeling van op ozon gebaseerde lipide-identificatie 
op een Synapt G2Si-instrument. De wijzigingen die nodig zijn voor de werking worden 
uiteengezet, gevolgd door vergelijking van deze instrumentatie met eerdere OzID-MSI-
platforms. Verbeteringen in gevoeligheid en snelheid van ten minste 2 ordes van grootte 
worden aangetoond, evenals verschillende soorten experimenten die voorheen niet 
beschikbaar waren. 

Hoofdstuk 5 onthult het eerste gebruik van OzID in negatieve ionisatiemodus in 
combinatie met MSI. Een aantal van de voor- en nadelen van OzID in negatieve modus 
worden besproken, waaronder het ontbreken van echte CID/OzID. Fosfolipiden van 5 
verschillende klassen worden in detail beschreven in 3 verschillende weefseltypes, die 
gezonde, disfunctionele en tumordragende modaliteiten vertegenwoordigen.
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